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The  persistence  and  suppressiveness  of  Pasteuria  penetrans  in  field  soil,  and  the 
effects  of  growing  root-knot  nematode  [ Meloidogyne  arenaria  (Neal)  Chitwood  race  1] 
non-host  crops  [bahiagrass  {Paspalum  notatum  Flugge  cv.  Tifton  9)  and  rhizomal  peanut 
(Arachis  glabrata  Benth.  cv.  Florigraze)]  compared  to  weed  fallow  (including  nematode 
susceptible  weeds)  were  investigated.  Soil  from  each  treatment  was  tested  after  four 
(1999-2002)  continuous  year  of  growing  peanut  to  determine  its  suppressiveness  to 
Meloidogyne  arenaria  race  1 . Over  the  course  of  the  4-year  study,  the  average  number  of 
P.  penetrans  endospores  per  second-stage  juvenile  (J2),  and  percentage  J2  with 
endospores  attached,  consistently  increased.  The  average  number  of  endospores  attached 
to  J2  increased  to  a high  of  5.8  in  the  weed  fallow  plots  by  the  autumn  of  2001,  but 
decreased  in  the  autumn  of  2002.  Weed  fallow  plots  sustained  the  highest  percentage  of 
J2  with  endospores  attached:  83%  by  the  autumn  of  2000.  Rhizomal  peanut  and 
bahiagrass  had  lower  percentages  of  J2  with  endospores  attached  as  compared  with  weed 


fallow  plots.  Field  studies  for  soil-depth  distributions  showed  that  P.  penetrans 
endospores  were  recoverable  at  all  depths  and  were  as  deep  as  75  cm.  However,  in  the 
laboratory  most  endospores  remained  in  the  top  0 to  25  cm.  A soil  suppressive  test  of 
soil  taken  from  each  treatment  (bahiagrass,  rhizomal  peanut,  and  weed  fallow)  followed 
by  four  continuous  year  of  peanut  showed  that  soil  contained  suppressive  levels  of  P. 
penetrans  with  the  greatest  in  weed  fallow  plots.  This  indicates  that  for  P.  penetrans  to 
remain  at  suppressive  levels,  some  root-knot  nematode  infection  and  egg  production  must 
occur.  In  this  study,  autoclaving  killed  all  biological  agents  (including  P.  penetrans ), 
thereby  allowing  galling  and  egg  mass  formation.  Air-dried  and  untreated  soils  contained 
antagonist  (P.  penetrans)  that  was  suppressive  to  M.  arenaria  race  1 . Biochemical 
analysis  of  Meloidogyne  spp.  females  extracted  from  roots  of  peanut  collected  from  the 
experimental  site  revealed  the  presence  of  Meloidogyne  arenaria  race  1 and  M.javanica 
race  3 on  peanut.  Up  to  29%  of  290  individual  females  collected  from  peanut  roots  in  the 
autumn  of  2002  showed  a typical  esterase  J3  phenotype  for  M.javanica. 
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CHAPTER  1 
INTRODUCTION 

Root-Knot  Nematodes 

Historical  Background 

Meloidogyne  species,  commonly  named  root-knot  nematodes,  are  placed  in  the 
class  Scernentea,  order  Tylenchida,  family  Meloidogynidae.  This  genus  was  first 
recognized  in  1 855  by  Berkeley,  who  reported  it  to  cause  root-knot  of  cucumber  in  a 
greenhouse  in  England  (Thome,  1961).  Muller,  in  1884,  described  a species  as 
Heterodera  radicicola  (Thorne,  1961).  Throughout  the  years,  studies  revealed  many 
physiological  and  biological  differences  among  field  populations  of  these  nematodes 
(Christie,  1946;  Christie  and  Albin,  1944).  This  led  Chitwood  to  revise  the  genus  in 
1949,  based  on  morphological  differences.  He  recognized  five  species  and  one  variety 
(Netscher  and  Sikora,  1990):  Meloidogyne  arenaria  Neal,  1889,  M.  exigua  Goldi,  1892, 
M.  hapla  Chitwood,  1949,  M.  incognita  Kofoid  and  White,  1919,  M.  incognita  var. 
acrita,  and  M.  javanica  Treub,  1885. 

Former  names  reported  in  the  literature  and  synonymized  by  Chitwood  include 
Anguillula  marioni  Cornu,  1879,  A arenaria  Neal,  1 889,  A.  vialae  Lavergne,  1901, 
Heterodera  javanica  Treub,  1885,  Tylenchus  arenarius  Cobb,  1890,  Meloidogyne  exigua 
Goldi,  1887,  Oxyurus  incognita  Kofoid  and  White,  1919,  Caconema  radicicola  Cobb, 
1924,  and  Heterodera  radicicola  (Greef,  1872)  Muller,  1884.  The  latter  was  replaced  by 
Heterodera  marioni  (Cornu,  1879)  Marcinowski,  1909  (Thorne,  1961).  Hirschmann 
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(1985)  included  54  species  in  the  genus  Meloidogyne.  Later  Jepson  (1987)  reduced  the 
number  of  species  to  5 1 . This  was  revised  to  include  60  species  (Eisenback  and 
Triantaphyllou,  1991).  Recently,  the  updated  number  of  described  species  of 
Meloidogyne  spp.  was  reported  as  80,  50%  of  which  have  been  reported  during  the  last 
20  years  (Karssen,  2002).  The  survey  conducted  by  the  scientists  involved  with  The 
International  Meloidogyne  Project  (IMP)  in  75  countries  reported  that  M.  incognita,  M. 
javanica,  M.  arenaria,  and  M.  hapla  were  among  the  most  common  and  economically 
important  species  of  root-knot  nematodes  in  agricultural  soils  (Netscher  and  Sikora, 
1990). 

Identification 

Morphological  characters.  There  is  a great  deal  of  similarity  among  the  many 
Meloidogyne  spp.  that  have  been  described,  thereby  making  their  identification  difficult 
and  confusing  (Taylor  and  Sasser,  1978;  Jepson,  1987).  The  morphology  of  the  female, 
male,  and  second-stage  juvenile  (J2)  is  used  in  the  identification  of  species  of 
Meloidogyne.  Key  characters  that  are  used  for  the  female  — morphology  of  perineal 
patterns,  body  shape  and  length,  and  shape  and  length  of  the  stylet;  male  — shape  of 
stylet  cone,  head,  tail,  spicules,  head  shape  en-face  view,  and  distance  of  the  dorsal  gland 
orifice  (DGO)  from  the  base  of  stylet  knobs  to  the  center  of  the  orifice;  J2  — length  and 
shape  of  tail,  head  and  stylet  shape,  and  en-face  view  (Eisenback,  1985). 

Cytogenetics.  Cytology  of  root-knot  nematodes  is  another  important  tool  for  their 
identification.  A few  Meloidogyne  spp.  reproduce  by  obligatory  amphimixis  (cross- 
fertilization) (Triantaphyllou,  1985).  Most  Meloidogyne  spp.,  however,  reproduce 
primarily  by  parthenogenesis.  The  parthenogenetic  groups  consist  of  obligatory 
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parthenogenetic  (mitotic  parthenogenetic)  and  facultative  parthenogenetic  (meiotic 
parthenogenetic)  species.  The  latter  is  the  most  common  method  of  reproduction  among 
root-knot  nematodes. 

Some  of  root-knot  nematodes  species  can  be  differentiated  based  on  their 
chromosome  numbers  (Triantaphyllou,  1985).  While  differences  in  chromosome  size 
and  morphology  have  been  detected  among  Meloidogyne  spp.,  differences  in 
chromosome  numbers  are  most  useful  for  identification  purposes  (Triantaphyllou,  1985). 
M.  arenaria  populations  reproduce  by  mitotic  parthenogenesis  and  have  somatic 
chromosome  numbers  varying  from  2n  = 30  to  2n  = 56. 

Meloidogyne  hapla,  which  has  two  cytological  races  (races  A and  B),  is 
composed  of  facultative  and  obligatory  parthenogenetic  populations  and  amphimictic 
populations  (Triantaphyllou,  1985).  Most  of  the  obligatory  and  facultative 
parthenogenetic  populations  have  a haploid  chromosome  complement  of  1 8 
chromosomes.  M.  hapla  race  A,  however,  represents  a unique  case  in  that  the 
chromosome  number  varies  from  n = 13  to  n = 17.  Also,  M.  hapla  triploid  populations 
have  n = 28  and  n = 34  chromosomes.  Race  B populations  have  a somatic  chromosome 
number  varying  between  2n  = 43  and  2n  = 48,  on  the  other  hand,  some  have  2n  = 30  to 
2n  = 32  chromosomes. 

Populations  of  M.  incognita  reproduce  entirely  by  mitotic  parthenogenesis  and 
occur  as  two  cytological  forms  (Triantaphyllou,  1985).  The  triploid  form,  which  has 
chromosome  numbers  varying  from  3n  = 40  to  3n  = 46,  is  the  most  common  and  widely 
distributed  around  the  world.  The  diploid  form,  which  has  chromosome  numbers  varying 
from  2n  = 32  to  2n  = 36,  is  less  common  (Triantaphyllou,  1985). 
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Meloidogyne  javanica  populations  reproduce  entirely  by  mitotic  parthenogenesis 
and  belong  to  one  chromosomal  form  that  may  represent  a triploid  with  a chromosome 
number  varying  from  2n  = 43  to  2n  = 48  (Triantaphyllou,  1985). 

Host  differentials.  Differential  hosts  were  first  used  in  1944  to  distinguish  species 
and  intra-specific  forms  of  root-knot  nematodes  (Christie  and  Albin,  1944).  Currently, 
host  tests  are  recommended  to  distinguish  the  four  most  common  Meloidogyne  spp.,  the 
four  host  races  of  M.  incognita,  and  two  host  races  of  M.  arenaria  (Sasser,  1 972).  The 
four  races  of  M.  incognita  are  separated  based  on  their  reaction  on  tobacco  {Nicotian a 
tabacum  L.  cv.  NC-95)  and  cotton  {Gossypium  hirsutum  L.  cv.  Deltapine  61).  Race  1 
does  not  infect  either  host,  race  2 infects  NC-95  tobacco,  race  3 infects  Deltapine  61 
cotton,  and  race  4 infects  both  differential  hosts  (Sasser  and  Carter,  1982).  Two  races  of 
M.  arenaria  are  separated  based  on  their  reaction  on  peanut  ( Arachis  hypogaea  L.  cv. 
Florunner).  Race  1 infects  Florunner  peanut  and  race  2 does  not.  Three  races  of  M. 
javanica  have  been  proposed,  although  not  widely  recognized,  based  on  their  infection 
and  reproduction  on  pepper  {Capsicum  annuum  L.  cv.  Early  California  Wonder)  and 
Florunner  peanut  (Rammah  and  Hirschmann,  1990).  Race  1 does  not  infect  either  host, 
race  2 infects  pepper,  and  race  3 infects  peanut  (Dickson,  1998). 

Isozymes.  Polyacrylamide  gel  electrophoresis  (PAGE)  has  been  used  widely  in 
studies  of  taxonomy,  systematics,  and  population  genetics  and  it  has  proved  to  be  a very 
useful  technique  in  the  identification  of  species  of  Meloidogyne  (Esbenshade  and 
Triantaphyllou,  1985).  Dickson  et  al.  (1971)  were  the  first  to  demonstrate  some  species- 
specific  proteins  that  could  be  used  in  the  separation  of  agriculturally  important 
Meloidogyne  spp.  and  some  other  plant-parasitic  nematodes.  Soon  after,  Hussey  et  al. 
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(1972)  also  drew  attention  to  the  importance  of  biochemical  studies  using  enzyme 
phenotypes  in  nematode  identification.  Esterase,  malate  dehydrogenase,  and  a- 
glycerophospate  dehydrogenase  were  useful  in  the  identification  of  the  four  most 
common  species  of  Meloidogyne,  i.  e.  M.  incognita , M.  arenaria,  M.  hapla,  and  M. 
javanica.  However,  with  the  electrophoretic  technology  available  during  the  mid-1960s 
these  workers  required  mass  homogenates  of  100s  to  1,000s  of  female  Meloidogyne  spp. 

Soon  thereafter  electrophoretic  technology  changed  so  that  isozyme  patterns 
could  be  resolved  from  a single  Meloidogyne  female.  Thus,  esterase  phenotypes  became 
an  even  more  accepted  method  in  the  identification  of  Meloidogyne  spp.  and  drew 
considerable  attention  among  researchers  when  an  extensive  effort  was  made  to  study 
many  populations  via  The  International  Meloidogyne  Project  (Esbenshade  and 
Triantaphyllou,  1990).  Approximately  300  populations,  originating  from  65  countries, 
representing  16  different  Meloidogyne  spp.,  were  studied  with  four  different  enzymes 
(Esbenshade  and  Triantaphyllou,  1985).  Esterases,  as  in  previous  studies,  were  found  to 
be  the  most  useful  in  the  identification  of  species.  Approximately  94%  of  the  populations 
of  M.  hapla,  98%  of  M.  incognita,  and  100%  of  M.  javanica  could  be  identified  to 
species  on  the  basis  of  esterase  phenotypes  alone.  Two  additional  esterase  phenotypes 
could  identify  M.  arenaria  with  98  to  100%  accuracy.  Esbenshade  and  Triantaphyllou 
(1985)  showed  that  other  isozymes  also  were  useful  for  identifying  Meloidogyne  spp., 
especially  when  nematode  species  have  similar  esterase  patterns.  For  example,  M.  hapla 
and  M.  incognita  have  a similar  esterase  patterns,  but  they  can  be  distinguished  easily  by 
comparing  their  malate  dehydrogenase  (MDH)  patterns. 
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Life  cycle 

Meloidogyne  spp.,  like  other  plant-parasitic  nematodes,  have  developmental 
stages  that  include  an  egg  stage,  four  juvenile  stages,  and  the  adult  stage  (Eisenback  and 
Triantaphyllou,  1991).  Eggs  are  usually  found  in  gelatinous  matrices  surrounding  the 
posterior  end  of  females.  The  eggs  undergo  embryogenesis,  which  culminates  in  a first- 
stage  juvenile  (J 1 ).  The  J 1 molts  in  the  egg  shell  forming  the  second-stage  juvenile  (J2), 
which  then  hatches  and  migrates  through  the  soil  to  locate  a susceptible  host  (Eisenback 
and  Triantaphyllou,  1991).  This  motile,  vermiform  infective  stage  penetrates  host  roots 
and  establishes  a permanent  feeding  site  in  vascular  tissue  (Williamson  and  Elussey, 

1 996).  Due  to  nematode  feeding,  specialized  feeding  cells  known  as  giant  cells  form  in 
the  vascular  tissue.  Giant  cells  are  formed  in  peanut  roots,  pegs,  and  pods  in  the  vicinity 
of  the  giant  cells.  The  plant  tissue  increases  in  size  (hypertrophy)  and  number 
(hyperplasia),  thereby  forming  galls  on  roots,  pegs,  and  pods.  The  nematode  molts  three 
more  times,  leading  to  the  third  and  fourth  juvenile  stages  and  adults.  These  three  molts 
occur  in  a relatively  short  period  of  the  time,  depending  on  the  host  plant  and 
environmental  conditions. 

Root-knot  nematodes  display  marked  sexual  dimorphism.  The  males  are 
vermiform,  whereas  the  females  have  a globose-pyriform  or  saccate  shape.  Females 
range  in  average  length  from  about  0.44  to  1.30  mm  and  in  average  width  from  0.325  to 
0.700  mm.  Males  retain  their  vermiform  shape  and  range  in  body  length  from  0.7  to  2 
mm.  The  number  of  eggs  laid  in  a gelatinous  matrix  is  200  to  1,500.  Second-stage 
juveniles  are  the  major  survival  stage  in  the  absence  of  a host  or  in  other  unfavorable 


conditions. 


Meloidosyne  Species  in  Peanut 


7 


Distribution 

The  economically  important  root-knot  nematode  species  associated  with  peanut 
production  are  M.  arenaria,  M.  hapla,  and  M.  javanica.  These  species  infect  peanut  roots, 
pegs,  and  pods  throughout  the  season,  stunting  the  plants  leading  to  a reduced  yield 
(Dickson,  1998). 

Meloidogyne  arenaria , the  peanut  root-knot  nematode,  is  recognized  as  the  most 
widespread  and  destructive  nematode  pathogen  of  peanut  (Porter  et  al.,  1984).  This 
nematode  occurs  from  latitudes  40  °N  to  33  °S  (Taylor  et  al.,  1982).  The  nematode  is 
more  of  a problem  in  sandy  soils  and  is  seldom  damaging  in  heavy  clay  soils.  M. 
arenaria  is  known  to  occur  in  China,  Egypt,  India,  Israel,  the  United  States,  and 
Zimbabwe  (Ibrahim  and  El-Saedy  1976;  Zhang,  1985;  Minton  and  Baujard,  1990).  In  the 
United  States,  race  1 is  common  in  peanut  fields  in  Alabama,  Arkansas,  Florida,  Georgia, 
and  Texas,  while  patchy  occurrences  have  been  reported  in  North  Carolina,  South 
Carolina,  and  Virginia.  Numerous  juveniles  are  generally  distributed  throughout  the  soil 
profile  of  infested  fields.  In  deep,  sandy  soils  the  largest  numbers  of  juveniles  are  found 
30  to  120  cm  deep  during  planting  time  (Dickson  and  Hewlett,  1988).  M.  arenaria 
causes  substantial  yield  losses  even  at  relatively  low  population  densities.  For  example, 
initial  population  densities  of  9 to  19  J2/100  cm3  of  soil  caused  10%  suppression  of  yields 
in  Texas  (Wheeler  and  Starr,  1987),  whereas  the  damage  threshold  in  Florida  can  be  as 
low  as  one  J2/100  cm3  of  soil  (McSorley  et  al.,  1992). 

Meloidogyne  hapla  (Chitwood,  1949),  northern  root-knot  nematode,  occurs  in  the 
northern  hemisphere  and  cooler  regions  of  the  world,  primarily  between  latitudes  34  °N 
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and  43  °N  (Eisenback  and  Triantaphyllou,  1991).  M.  hapla  has  been  reported  in  all 
peanut  producing  states  in  the  USA  with  the  exception  of  Florida  (Dickson,  1998). 

Meloidogyne  javanica  (Treub)  Chitwood,  the  Javanese  root-knot  nematode,  has 
an  extensive  host  range  and  occurs  between  latitudes  33  °N  to  33  °S.  This  nematode  was 
detected  for  the  first  time  on  peanut  in  Zimbabwe  (Martin,  1958).  Later,  other  reports 
were  made  in  Africa  (Ibrahim  and  El-Saedy,  1976;  Rammah  and  Hirschmann,  1990; 
Tomaszewski  et  al.,  1994),  India  (Patel  et  al.,  1988;  Sakhuja  and  Sethi,  1985),  and  Brazil 
(Lordello  and  Gerin,  1981).  Minton  et  al.  (1969)  reported  M.  javanica  on  peanut  in 
Georgia  for  the  first  time  in  the  United  States.  Later,  the  nematode  was  reported  in  Texas 
(Tomaszewski  et  al.,  1994),  and  just  recently,  M.  javanica  was  reported  on  peanut  in 
Levy  County,  Florida  (Lima  et  al.,  2002;  Cetintas  et  al.,  2003). 

Symptoms 

Peanut  plants  that  are  infected  with  the  peanut  root-knot  nematode  generally  have 
noticeable  above  and  below-ground  symptoms.  In  most  cases,  visible  symptoms 
normally  appear  45  to  75  days  after  planting,  but  the  most  severe  symptoms  may  become 
visible  after  90  to  120  days.  This  depends  on  the  initial  population  density  of  nematodes 
in  the  soil  and  on  the  environmental  conditions  present  100  to  135  days  after  planting 
(Dickson,  1998;  Minton  and  Baujard,  1990).  Under  hot  dry  conditions  the  nematode  can 
weaken  and  kill  plants.  Root-knot  nematodes  on  peanut  are  patchy  in  distribution,  and 
infected  plants  have  characteristic  symptoms.  Fleavily  infected  plants  are  often  severely 
stunted,  became  chlorotic,  and  have  reduced  numbers  of  pegs  and  pods. 
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Root-knot  can  be  diagnosed  by  examining  the  roots,  pegs,  and  pods  for  the 
presence  of  female  nematodes  (Dickson,  1998;  Minton  and  Baujard,  1990;  Porter  et  al., 
1984).  The  females,  which  are  pearly  white,  can  be  dissected  from  galled  tissue. 

Second-stage  juveniles  infect  peanut  roots  soon  after  planting.  One  to  2 days 
following  penetration  by  J2  abnormal  swelling  starts  to  develop.  However,  the  formation 
of  galls  and  egg  masses  does  not  really  become  apparent  on  the  roots  until  approximately 
55  to  90  days  after  planting,  depending  on  the  number  of  nematodes  present  in  the  root 
tissue  (Dickson,  1998).  Nematode  galls  can  be  distinguished  easily  from  rhizobium 
( Bradyrhizobium , nitrogen  fixing  bacteria)  nodules  because  they  have  a different  shape 
and  structure.  Rhizobium  nodules  are  distinct,  round  swellings  on  the  roots,  which  can 
be  detached  easily.  In  contrast,  nematode  galls  are  irregularly  shaped  swellings  that 
cannot  be  detached  without  destroying  the  integrity  of  the  root.  Rhizobium  nodules  also 
may  be  infected  by  nematodes,  and  they  can  serve  as  infection  and  reproduction  niches 
for  the  peanut  root-knot  nematode  (Minton  and  Baujard,  1990;  Porter  et  al.,  1984).  The 
detection  of  galls  on  peanut  roots  is  more  difficult  than  on  many  other  hosts  such  as 
tomato,  tobacco,  and  soybean.  The  galls  on  peanut  roots  are  small  and  generally  discrete, 
whereas  galls  on  other  host  crops,  such  as  tomato,  squash,  and  tobacco,  may  be  large  and 
coalesced. 

Root-knot  nematodes  may  infect  pegs  and  pods  soon  after  the  initiation  of  pod  set, 
which  begins  about  45  days  after  planting.  Early  infection  can  lead  to  a weakened  peg 
and  an  aborted  pod.  Many  infected  pegs  and  pods  may  fall  free  from  the  plant  at  harvest. 
Tate  in  the  season,  heavily  infected  plants  result  in  substantial  yield  losses.  Furthermore, 


10 

nematode-galled  tissue  is  vulnerable  to  infection  by  soilbome  fungi,  which  may  lead  to 
root  deterioration  (Dickson,  1998). 

Management 

Chemical  control,  crop  resistance,  crop  rotation,  other  cultural  practices  such  as 
fallowing,  and  biological  control  are  among  some  of  the  management  strategies  that  have 
been  suggested  for  management  of  root-knot  nematodes  (Barker  et  ah,  1998).  Chemical 
control  is  considered  the  most  effective  and  reliable  method  for  controlling  nematodes  in 
peanut  production  (Kinloch,  2001).  Fumigants  and  nonfumigants  are  two  types  of 
chemicals  commonly  used.  Of  the  fumigants  currently  available,  1,3-D  (1,3- 
dicloropropene)  or  Telone  II  (Dow  AgroSciences,  Indianapolis,  IN)  has  been  found  to  be 
the  most  effective  nematicide  in  terms  of  consistency  and  provide  yield  increases  in 
peanut  (Kinloch  and  Dickson,  1991).  In  addition,  several  nonfumigants  are  labeled  for 
use  on  peanut.  The  nonfumigant,  aldicarb  (2-methyl-2  (methylthio)  propionaldehyde  0- 
(methylcarbamoyl)  oxime  or  Temik  15G  (Bayer  CropScience,  Research  Triangle  Park, 
NC)  has  been  shown  to  be  effective  as  an  at-peg  initiation  treatment  for  managing 
nematodes  in  peanut.  A broadcast  application  of  Telone  II  followed  by  an  application  of 
Temik  15G  at-peg  initiation  may  be  the  best  option  in  heavy  root-knot  nematode  infested 
fields  (Kinloch,  2001).  Another  nonfumigant,  fenamiphos  (ethyl  3-methyl-4- 
(methylthio)  phenyl  (1-methylethyl)  phosphoramidate)  or  Nemacur  15G  (Bayer 
CropScience,  Research  Triangle  Park,  NC),  could  be  another  good  choice  for  suppressing 
nematode  populations  in  peanut  production  fields. 

One  of  the  developing  methods  for  root-knot  nematode  management  in  peanut  is 
resistant  cultivars.  Recently  two  peanut  cultivar  lines,  Coan  (Simpson  and  Starr,  2001) 
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and  Nematam  (Simpson  et  al.,  2003),  were  released  with  root-knot  nematode  resistance. 
Coan  was  phased  out  because  Nematam  was  bred  as  a replacement  cultivar.  Neither  of 
these  cultivars  has  gained  widespread  adoption  but  research  is  under  way  to  develop 
genotypes  with  root-knot  nematode  resistance  with  satisfactory  agronomic 
characteristics. 

Cultural  practices  are  another  important  root-knot  nematode  management 
program  that  peanut  producers  rely  on.  Crop  rotation  with  cotton,  com,  and  grasses  such 
as  bahiagrass  ( Paspalum  notatum),  bermudagrass  ( Cynodon  dactylon),  and  sorghum 
(, Sorghum  bicolor),  are  some  crops  used  in  crop  rotation  for  reducing  root-knot  disease  in 
peanut.  Despite  allowing  some  root-knot  nematode  reproduction,  com  is  considerably 
less  susceptible  than  peanut  and  is  generally  effective  in  the  reduction  of  root-knot 
nematode  population  densities.  Cotton  is  a very  successful  rotation  crop  because  it  is  not 
a host  for  the  peanut  root-knot  nematode  nor  is  peanut  a host  for  the  cotton  root-knot 
nematode.  The  latter  is  highly  problematic  on  cotton  in  the  southeastern  USA.  A two- 
year  rotation  of  peanut  and  cotton  is  effective  in  managing  the  root-knot  nematode 
problems  on  both  crops.  In  general,  however,  after  growing  peanut,  a reliable  option  is  to 
rotate  to  a different  crop  for  three  or  more  years  to  reduce  population  densities  of  root- 
knot  nematodes  (Kinloch,  2001).  Crop  rotation  schemes  are  most  effective  when  the 
alternate  crops  are  maintained  weed  free.  Leaving  fields  fallow  also  is  a method  that 
could  be  used  to  manage  the  peanut  root-knot  nematode,  but  this  tactic  has  very  limited 
use  because  of  wind  and  water  erosion.  Hairy  indigo,  Alyce  clover,  and  morning  glory 
are  some  important  peanut  root-knot  nematode  susceptible  weeds  that  are  common  in 
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peanut  fields.  Similarly,  volunteer  peanut  should  not  be  allowed  to  grow  in  either  fallow 
fields  or  in  alternate  crops  in  crop  rotation  schemes  (Kinloch,  2001). 

Biological  control  of  nematodes  is  defined  as  a reduction  of  nematodes  by  the  action 
of  living  organisms  (other  than  nematode-resistant  plants)  that  occur  naturally  (Stirling, 
1991).  Biological  control  is  one  of  the  promising  non-chemical  methods  to  manage  root- 
knot  nematodes.  Recently,  Pasteuria  penetrans  (Thome)  Sayre  & Starr  has  been 
recognized  as  a potential  biological  control  agent  for  M.  arenaria  race  1 in  peanut  fields 
in  Florida  and  Georgia  (Dickson  et  al.,  1994;  Minton  and  Sayre,  1989).  P.  penetrans,  an 
endospore-forming  bacterial  obligate  parasite  of  nematodes,  is  reported  to  cause  soils  to 
become  suppressive  to  the  peanut  root-knot  nematode  (Dickson  et  al.,  1994). 

Pasteuria  Species 

Field  observations  (Dickson  et  al.,  1994;  Minton  and  Sayre,  1989),  and 
greenhouse  and  microplot  experiments  (Brown  and  Smart,  1985;  Channer  and  Gowen, 
1988;  Chen  et  al.,  1996;  Davies  et  al.,  1988;  Oostendorp  et  al.,  1991)  have  shown  that 
Pasteuria  can  aid  in  the  control  of  plant-parasitic  nematodes.  Pasteuria  spp.  have  been 
reported  on  various  nematode  hosts  (323  nematode  species)  and  in  many  different 
environments  throughout  the  world  (Atibalentja  et  al.,  2000;  Chen  and  Dickson,  1998). 
Historical  Background  and  Taxonomic  Status 

Pasteuria  represents  a genus  of  gram-positive  mycelia  endospore-forming 
bacteria  that  parasitizes  nematodes  and  cladoceran  Daphnia  (Sayre  and  Star,  1988). 
Metchnikoff  (1888)  was  the  first  to  describe  Pasteuria  as  an  internal  bacterial  parasite  of 
Daphnia  magna  Straus  (water  fleas).  He  named  the  bacterium  Pasteuria  ramosa  and 
unsuccessfully  tried  to  culture  it  (Sayre,  1993).  The  first  report  of  an  organism 
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resembling  Pasteuria  in  a nematode  was  by  Cobb  (1906).  He  concluded  this  organism 
was  an  internal  parasite  of  nematodes,  and  mistakenly  described  it  as  “perhaps  monads” 
of  a parasitic  sporozoan.  This  error  of  naming  the  organism  as  a protozoan  was  to  persist 
for  nearly  70  years.  A more  precise,  but  still  incorrect,  placement  was  suggested  by 
Micoletzky  (1925),  who  found  a nematode  parasite  having  spores  similar  to  those 
reported  by  Cobb.  Micoletzky  proposed  that  these  spores  belong  to  the  genus  Duboscqia 
Perez,  1908,  again  a sporozoan  group.  Later,  Thome  (1940)  described  a parasite  from 
Pratylenchus pratensis  (de  Man)  Filipjev  and  considered  it  to  be  similar  to  the  nematode 
parasite  described  by  Micoletzky.  The  parasite  was  named  Duboscqia  penetrans. 
Mankau  (1975)  studied  this  organism  with  an  electron  microscope  thereby  revealing  its 
bacterial  nature.  However,  Mankau  erroneously  placed  the  organism  in  the  Bacillus 
genus,  naming  it  Bacillus  penetrans.  Sayre  and  Starr  recognized  that  the  bacterium  more 
closely  resembled  the  actinomycete  P.  ramosa  (Sayre  et  al.,  1983),  and  subsequently 
renamed  the  organism  Pasteuria  penetrans  (Sayre  and  Starr,  1985).  This  classification 
was  accepted  by  Bergey’s  Manual  (Sayre  and  Starr,  1989). 

Morphology  and  Development 

Members  of  Pasteuria  are  obligate  parasites  that  begin  their  development  as 
dichotomously  branched  septate  mycelia  (Sayre  and  Starr,  1985;  1988;  Williams  et  al., 
1994).  The  terminal  hyphae  of  the  mycelia  increase  in  size  to  form  sporangia  and 
eventually  individual  endospores.  Mycelial  colonies  are  irregular  in  shape  and  resemble 
cauliflower  florets  or  elongated  grapes  when  observed  with  an  electron  microscope.  The 
primary  colonies  are  formed  by  fragmentation  of  mother  colonies,  and  the  daughter 
colonies  develop  into  doublets  and  quartets  of  sporangia,  and  finally  the  single 
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sporangium  develops  into  a mature  endospore.  Mature  endospores  are  nonmotile, 
spherical  in  shape,  and  resistant  to  desiccation,  chemical  lysis,  and  elevated  temperatures 
(Williams  et  al.,  1994).  Pasteuria  spp.  differ  from  each  other  in  host  specificity, 
morphology,  and  developmental  characters,  such  as  the  size  and  shape  of  sporangia  and 
endospores  (Sayre  and  Starr,  1989).  No  Pasteuria  has  been  grown  in  pure  culture;  they 
are  attainable  from  a nematode  or  a water  flea  host. 

The  genus  Pasteuria  currently  contains  four  described  species,  three  of  which  are 
parasitic  on  nematodes  P.  thornei,  P.  nishizawae,  and  P.  penetrans  and  one  is  on  the 
water  flea,  P.  ramosa.  P.  ramosa,  the  type  species,  has  never  been  observed  to  parasitize 
nematodes.  It  is  parasitic  on  aquatic  organisms  in  the  genera  Daphnia  and  Moina  (water 
fleas)  (Ebert  et  al.,  1996;  Sayre  et  al.,  1983).  P.  thornei  (Sayre  and  Starr,  1988;  Starr  and 
Sayre,  1988)  infects  lesion  nematodes  belonging  to  the  genus  Pratylenchus . Pasteuria 
nishizawae  is  found  on  cyst  nematodes  of  the  genera  Heterodera  and  Globodera  (Sayre 
and  Starr,  1989,  Sayre  et  al.,  1991),  and  P.  penetrans  parasitizes  root-knot  nematodes 
belonging  to  the  genus  Meloidogyne  (Starr  and  Sayre  1985;  Starr  and  Sayre,  1988). 

Various  groups  of  P.  penetrans  are  classified  by  their  ability  to  attach  selectively 
to  different  species  of  nematodes.  These  groups  vary  in  morphological  characters  such  as 
the  shape  and  size  of  endospores  (Bird  et  al.,  1990;  Williams  et  al.,  1994).  In  recent 
years,  at  least  three  different  groups  of  Pasteuria  have  been  isolated  from  different  hosts, 
and  each  has  been  proposed  as  a new  species.  These  newly  proposed  Pasteuria  species 
include  Heterodera  goettingiana  (cyst  pea  nematode)  Liebscher  in  Munster,  Germany 
(Sturhan  et  al.,  1994),  Belonolaimus  longicaudatus  Rau  (sting  nematode)  in  Florida,  USA 
(Giblin-Davis  et  al.,  1995),  and  Heterodera  glycines,  in  Illinois,  USA  (Atibalenji  et  al., 
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1998).  A newly  proposed  Pasteuria  species  from  Belonolaimus  longicaudatus  Rau  (sting 
nematode)  in  Florida,  USA  was  designated  as  ‘ Candidatus  Pasteuria  usgae’  sp.  nov. 
(novel  taxon).  This  designation  was  based  on  its  taxonomically  relevant  characteristics 
such  as  morphology,  morphometries,  host  range,  and  1 6S  ribosomal  gene  (rRNA) 
sequence  similarities  (>93%)  to  the  other  species  and  strains  of  Pasteuria  from 
nematodes  and  water  fleas  (Giblin-Davis  et  al.,  2003).  The  phylogenetic  analysis  with 
1 6S  rRNA  suggests  this  species  is  most  closely  related  to  P.  penetrans  from  Meloidogyne 
spp.  and  the  Pasteuria  strain  recently  isolated  from  the  soybean  cyst  nematode 
(Heterodera  glycines ) (Atibalentja  et  al.,  2000)  with  which  it  has  the  greatest  similarity 
(96%). 

The  taxonomy  of  Pasteuria  still  remains  unclear  in  part  due  to  inconsistencies  in 
the  criteria  used  for  differentiating  the  genus.  There  is  variation  in  the  shape  of 
endospores  and  sporangia  for  isolates  obtained  from  different  nematode  genera  (Sayre 
and  Wergin,  1977;  Ciancio  et  al.,  1994).  Ultrastructure,  morphology,  life  cycle,  and  host 
range  are  used  as  criteria  for  separating  species  of  Pasteuria.  These  criteria  are 
challenged  by  new  isolates  of  Pasteuria  spp.  collected  from  plant  and  soil  nematodes. 
Many  Pasteuria  isolates  overlap  in  host  specificity.  As  the  size  of  endospores  and 
sporangia  is  correlated  with  host  nematode  genera,  these  characters  may  not  work  for 
separating  species  (Ciancio  et  al.,  1994).  In  addition,  many  Pasteuria  isolates  reported 
exhibit  a high  degree  of  morphological  similarities  and  many  others  display  cross-generic 
host  ranges  and  varying  biological  and  ecological  characters  (Chen  and  Dickson,  1998). 
The  diameter  of  sporangia  varies  from  3 pm  for  an  isolate  from  Criconemella  sp.  in 
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Florida  (Han  et  al.,  1999)  to  8 jam  for  an  isolate  from  Axonchium  valvulatum  in  Sri  Lanka 
(Ciancio  et  al.,  1994). 

Some  recently  discovered  isolates  of  Pasteuria  spp.  parasitize  multiple  genera  of 
nematodes  with  different  biological  and  ecological  characteristics.  For  example,  isolates 
of  P.  penetrans  reported  from  China  (Pan  et  al.,  1993),  Puerto  Rico  (Vargas  and  Acosta, 
1990),  and  the  United  States  (Mankau,  1975;  Oostendorp  et  al.,  1990)  parasitize  both 
Meloidogyne  spp.  and  Pratylenchus  spp.  In  addition,  one  isolate  reported  from  India 
parasitizes  Heterodera  spp.  and  M.  incognita  (Bhattacharya  and  Swarup,  1988),  while 
another  parasitizes  Globodera  spp.,  Heterodera  spp.,  and  Rotylenchulus  reniformis 
(Sharma  and  Davies,  1996). 

Various  isolates  of  Pasteuria  spp.  parasitize  only  certain  life  stages  of  nematode 
host  (Abrantes  and  Vovlas,  1988;  Davies  et  al.,  1990;  Noel  and  Stanger,  1994).  Davies 
et  al.  (1990)  reported  a Pasteuria  sp.  that  could  complete  its  life  cycle  in  J2  of 
Heterodera  avenae,  but  did  not  parasitize  females  or  cysts.  Abrantes  and  Vovlas  (1988) 
reported  an  isolate  of  Pasteuria  sp.  that  parasitizes  juveniles  and  males  of  Meloidogyne 
sp.  but  only  juveniles  of  Heterodera  fici.  Noel  and  Stanger  (1994)  stated  that  an  Illinois 
isolate  of  Pasteuria  sp.  parasitizes  J2  and  males  of  Heterodera  glycines  but  not  females. 

Sayre  and  Starr  (1989)  reported  that  P.  penetrans  could  develop  mature 
endospores  only  in  females  of  Meloidogyne  spp.  However,  one  isolate  of  P asteuria  sp. 
has  been  reported  developing  mature  endospores  in  juveniles,  males,  and  females  of  M. 
acronea  (Page  and  Bridge,  1985).  Giblin-Davis  (1990)  indicated  that  an  isolate  of  a 
Pasteuria  sp.  completes  its  life  cycle  in  J2  of  Meloidogyne  spp.  on  turfgrass.  However, 
they  found  that  the  same  isolate,  S-l  strain,  did  not  attach  to  H.  schachtii , Longidorus 
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africanus , M.  hapla,  M.  incognita,  M.javanica,  P.  brachyurus,  P.  scribneri,  P.  neglectus 
P.  penetrans,  P.  thornei,  P.  vulnus,  or  Xiphinema  spp. 

Pasteuria  spp.  are  reported  to  parasitize  several  genera  of  nematodes  at  the  same 
location.  Juveniles  and  adults  of  Pratylenchus  sp.  and  Tylenchorhynchus  sp.,  and  second- 
stage  juveniles  of  Heterodera  avenae  were  infected  with  Pasteuria  spp.  in  a nematode- 
suppressive  soil  in  England  (Davies  et  al.,  1990).  Whereas  the  endospores  from  the  three 
nematode  hosts  were  identical  in  size,  it  is  uncertain  if  the  endospores  were  from  a single 
or  multiple  species  of  Pasteuria.  The  endospores  obtained  from  J2  of  H.  avenae  attached 
to  J2  of  H.  schachtii,  H.  glycines,  Globodera  rostochiensis,  G.  pallida,  and  M.  javanica, 
but  none  developed  in  females  (Davies  et  al.,  1990).  In  another  example,  a survey  of 
sugarcane  fields  in  South  Africa  revealed  endospores  of  Pasteuria  spp.  attached  to 
species  of  Pratylenchus,  Helicotylenchus,  Scutellonema,  plus  several  other  common  soil 
nematodes  (Spaull,  1981).  Small  endospores  (2. 9-4.4  x 1-2  pm)  from  P.  zeae,  H. 
dihystera,  and  J2  of  M.  incognita  were  assumed  to  be  one  strain  of  P.  penetrans,  whereas 
larger  endospores  (4. 3-6. 6 x 2.0  pm)  from  Scutellonema  sp.  and  Xiphinema  sp.  were 
considered  to  be  different  strains. 

Apparently  ultrastructure,  morphology,  life  cycle,  and  pathological  characters  are 
not  sufficient  to  be  used  as  criteria  for  differentiating  the  increasing  number  of  Pasteuria 
isolates  collected  from  soil  and  plant  nematodes  (Atibalentja  et  al.,  2000).  Additional 
studies  are  needed  to  resolve  the  current  uncertainty  with  the  taxonomy  of  Pasteuria. 
Information  on  Pasteuria ’s  genomic  properties,  such  as  size,  base  composition,  and  DNA 
sequence  similarities  revealed  by  hybridization,  could  help  clarify  the  situation. 
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Cultivation  of  the  bacteria  in  vitro  could  improve  the  understanding  of  its  complex 
biology  and  taxonomy,  but  artificial  cultivation  has  yet  to  be  achieved. 

Biology  of  Pasteuria  penetrans 

Life  cycle 

Meloidogyne  spp.  J2  becomes  encumbered  by  endospores  of  P.  penetrans  as  they 
move  through  soil.  Attachment  to  the  cuticle  is  the  first  step  in  parasitism,  but  for 
development  to  be  complete  there  must  be  infection.  Endospore  germination  is  a critical 
step  in  the  infective  process.  The  penetration  peg  must  pass  through  the  cuticle  and 
hypodermis  thereby  reaching  into  the  nematode  pseudocoelom.  This  process  is 
temperature  dependent  and  occurs  4 to  1 0 days  after  the  nematode  enters  a plant  root  and 
begins  to  feed  (Sayre  and  Wergin,  1977;  Serracin  et  al.,  1997).  The  germ  peg  is  formed 
through  the  central  opening  in  the  basal  attachment  layer  of  the  endospore.  The 
penetration  process  appears  to  be  enzymatic  (Mankau,  1975;  Mankau  et  al.,  1976).  Upon 
penetrating  the  pseudocoel  of  the  nematode  the  germ  peg  develops  into  a “cauliflower- 
like” microcolony  comprised  of  a dichotomously  branched  septate  mycelium. 
Subsequently,  daughter  colonies  form  when  the  intercalary  cells  in  the  microcolony  lyse 
(Sayre  and  Starr,  1989).  As  a result  of  an  undetermined  triggering  mechanism,  the 
colonies  become  fragmented  where  the  terminal  cells  enlarge  and  undergo  sporogenesis. 
Ultimately,  quartets  and  doublets  of  developing  sporangia  fill  the  nematode 
pseudocoelom  where  they  separate  into  single  sporangia  containing  mature  endospores. 
The  mature  endospores  are  released  into  soil  when  a plant  root  containing  parasitized 
root-knot  nematode  females  decomposes. 

Sporogenesis 


19 


The  sporogenesis  sequence  of  Pasteuria  includes  the  formation  of  a transverse 
septum  within  the  endospore  mother  cell,  condensation  of  a forespore,  formation  of 
cortex  and  coat,  formation  of  parasporal  fibers  and  exosporium,  and  finally,  maturation 
and  release  of  endospores.  Pasteuria  spp.  have  the  typical  sequence  of  a gram-positive, 
endospore-forming  bacterium;  however,  mature  endospores  have  a unique  ultrastructure 
in  each  species  (Chen  et  al.,  1997;  Sayre,  1993). 

Svstematics  and  phytogeny 

In  1992,  13  genera  of  endospore-forming  bacteria  were  known.  Their  systematics 
depends  primarily  on  morphology,  physiology,  and  diversity  of  genetic  characters 
(Berkley  and  Ali,  1 994).  Currently,  bacteria  are  differentiated  based  on  the  generally 
accepted  rule  that  those  with  a DNA  base  composition  differing  by  more  than  1 0%  GC 
(G+C)  should  not  be  considered  as  a member  of  the  same  genus.  Strains  differing  by 
more  than  5%  GS  values  should  not  be  considered  as  the  same  species  (Bull  et  al.,  1992). 
At  present,  the  phenotypic  characters  are  used  more  than  molecular  biology  in 
classification  and  identification  of  prokaryotes.  Recently,  nucleic  acid  techniques  have 
been  used  to  determine  bacterial  genome  properties,  such  as  size,  base  composition,  and 
the  DNA  sequence  similarity  revealed  by  hybridization.  Nevertheless,  limited 
information  is  available  on  the  molecular  biology  (DNA  base  composition),  and 
phylogeny  of  Pasteuria  spp.  because  of  the  current  difficulties  in  cultivating  these 
bacteria  in  vitro  (Chen  and  Dickson,  1998). 

Some  molecular  evidence  indicates  that  P.  penetrans  is  a deeply  rooted  member 
of  the  Clostridium-Bacillus  line  of  descendants,  neither  related  to  the  actinomycetes  nor 
closely  related  to  the  true  endospore-formers  (Berkeley  and  Ali,  1994).  Anderson  et  al. 
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(1999)  conducted  a phylogenetic  analysis  using  16S  rRNA  derived  from  two  isolates  of 
P.  penetrans.  Their  results  suggest  P.  penetrans  is  closely  related  to  P.  ramosa  with 
which  it  has  92%  similarity.  A lineage  with  Alicyclobacillus  spp.,  Sulfobacillus  spp., 
Bacillus  tusciae,  and  Bacillus  schlegelii  is  hypothesized  (Anderson  et  al.  1999).  Recently, 
phylogenetic  analyses  comparing  the  Heterodera  glycines- infecting  North  American 
Pasteuria  isolate  with  P.  ramosa  showed  a 93%  similarity  of  the  two  (Atibalentja  et  al., 
2000).  It  is  hypothesized  that  they  form  a distinct  line  of  descendants  within  the 
Alicyclobacillus  group  of  the  Bacillaceae.  Most  recently,  an  analysis  of  16S  rRNA 
revealed  that  the  Pasteuria  strain  that  infects  B.  longicaudatus  has  a 98%  similarity  with 
P.  penetrans  (Bekal  et  al.,  2001). 

Host  records 

Pasteuria  spp.  have  been  observed  in  several  groups  of  soil  nematodes  including 
tylenchids,  dorylaims,  rhabditids,  mononchids,  and  aphelenchids  (Sturhan,  1985).  Chen 
and  Dickson  (1998)  reported  a more  comprehensive  review  of  the  host  records  of 
Pasteuria- like  organisms.  They  reported  that  Pasteuria- like  organisms  have  been 
reported  from  323  nematodes  species  belonging  to  1 16  genera,  including  plant-parasitic, 
entomopathogenic,  predatory,  and  free-living  nematodes  from  more  than  5 1 countries  on 
five  continents. 

Host  specificity 

Opinions  on  the  host  specificity  of  Pasteuria  spp.  vary  among  scientists.  The 
known  host  range  of  P.  penetrans  is  limited  to  Meloidogyne  spp.  (Sayre  and  Starr,  1985; 
1989).  Stirling  (1985)  hypothesized  that  host  specificity  of  P.  penetrans  might  be  a 
response  to  local  nematode  populations  rather  than  to  nematode  species.  Davies  et  al. 
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(1994)  showed  that  P.  penetrans  could  produce  heterogeneous  endospores,  which  show 
specificity  to  various  nematode  populations.  Some  of  the  records  of  host  specificity  were 
derived  from  observing  attachment  of  endospores  to  the  cuticle  of  nematodes  rather  than 
from  observing  actual  infection  and  subsequent  development  inside  the  nematode 
(Oostendorp  et  al.,  1990). 

Endospore  populations  that  possibly  have  a high  degree  of  genetic  diversity  are 
commonly  used  to  test  host  ranges,  whereas  work  based  on  a single  endospore  isolate  has 
not  been  reported.  Consequently,  considerable  variation  in  host  ranges  has  been  reported 
among  varies  tests,  duplicated  tests,  isolates  of  Pasteuria  sp.,  and  among  generations  of 
the  same  host  nematode  strain  (Chen  and  Dickson,  1998).  Host  specificity  of  a particular 
isolate  of  Pasteuria  sp.  can  be  shifted  from  one  nematode  host  to  another  by  continually 
culturing  the  bacterium  on  the  new  nematode  (Davies  et  ah,  1988;  Oostendorp  et  ah, 
1990).  After  such  culturing  treatments,  endospores  attached  more  readily  to  the 
nematode  from  which  they  originated.  In  contrast,  tests  with  isolates  from  M.  javanica 
and  M.  incognita  showed  that  in  some  cases  endospore  attachment  is  unrelated  to  either 
species  from  which  the  endospores  were  obtained,  or  to  the  recipient  nematode  species 
(Stirling,  1985). 

Status  of  the  host  specificity  of  P.  penetrans  remains  unclear.  Recent  studies 
indicate  that  differences  in  the  number  and  structure  of  proteins  on  the  endospore  surface 
and  different  characteristics  (such  as  adhesion  components)  of  the  cuticle  of  nematode 
may  be  involved  with  attachment  to  a host  (Brito  et  al.,  2000;  Davies  et  al.,  1992;  Davies, 


1994;  Mohan  et  al.,  2001). 
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Cultivation 

While  commercial  use  of  P.  penetrans  would  most  likely  require  an  in  vitro 
method  of  cultivation,  currently  available  methods  involve  the  multiplication  of  the 
parasite  in  its  nematode  host  on  greenhouse-grown  plants  (Stirling  and  Wachtel,  1980). 

It  was  thought  that  production  could  be  improved  by  culturing  the  nematode  and 
pathogen  in  excised  or  transformed  roots  cultures  (Verdejo  and  Jaffee,  1988;  Verdejo  and 
Mankau,  1 986),  however,  this  method  does  not  provide  for  release  of  endospores  from 
females  thereby  limiting  future  generations. 

Verdejo  and  Mankau  (1986)  reported  a method  for  growing  P.  penetrans  in  M 
incognita  on  excised  tomato  roots.  An  endospore-filled  female  nematode  was  squashed 
on  a small  block  of  agar.  It  was  then  placed  close  to  the  roots  to  release  the  endospores. 
Subsequently,  a single  M.  incognita  egg  mass  was  added  to  the  agar  block.  The 
endospores  attached  to  the  J2  before  they  penetrated  the  roots.  After  58  days,  infected 
female  nematodes  were  found.  Verdejo  and  Jaffee  (1988)  improved  on  this  method  by 
transforming  tomato  roots  with  Agrobacterium  rhizogenes. 

Several  species  of  Pasteuria  from  Pratylenchus  brachyurus,  Heterodera  glycines, 
and  M.  incognita  were  tested  in  a range  of  media  for  cultivation  (Reise  et  al.,  1988). 
Organic  and  mineral  supplements  were  added  to  standard  medium  formulations,  leading 
to  increased  production  of  mature  endospores,  sporangia,  and  vegetative  cells.  Several 
other  researchers  attempted  various  techniques  to  grow  Pasteuria  in  vitro,  but  none  has 
yet  succeeded  (Williams  et  ah,  1989;  Bishop  and  Ellar,  1991). 


Ecology  of  Pasteuria  penetrans 
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Temperature 

The  success  of  biocontrol  of  root-knot  nematodes  does  not  only  depend  on  the 
biological  knowledge  of  Meloidogyne  spp.  and  P.  penetrans  relationships  but  it  also 
depends  on  an  understanding  of  conditions  in  the  soil  that  favorable  for  the  amplification 
of  bacterium.  The  life  cycle  of  Pasteuria  species  does  not  appear  to  be  synchronized 
with  its  host  nematode  in  that  one  can  find  all  the  developmental  stages  of  the  bacteria  at 
one  time  within  the  nematode  pseudocoelom  (Chen  et  al.,  1997).  Attachment,  infection, 
and  pathogenesis  of  Pasteuria  spp.  is  affected  by  temperature  (Ahmed  and  Gowen,  1991; 
Hatz  and  Dickson,  1992;  Serracin  et  al.,  1997;  Singh  et  al.,  1990;  Stirling,  1981;  Stirling 
et  al.,  1990).  Higher  temperatures  (30  and  35  °C  vs.  25  °C  or  below)  increased  the  rate  of 
development  (Hatz  and  Dickson,  1992;  Serracin  et  al.,  1997).  The  optimal  temperature 
for  development  of  an  isolate  of  P.  penetrans  attained  from  M.  arenaria  race  1 was  35  °C 
(Hatz  and  Dickson,  1992).  Mature  endospores  of  this  isolate  developed  after  35,  40,  81, 
and  1 16  days  at  35,  30,  25,  and  20  °C,  respectively  (Hatz  and  Dickson,  1992),  whereas 
another  isolate  attained  from  M.  arenaria  race  2 developed  mature  endospores  after  28, 
35,  and  90  days  at  35,  28,  and  21  °C,  respectively  (Serracin  et  al.,  1997).  P.  penetrans 
did  not  develop  within  females  of  M.  javanica  or  M.  arenaria  at  10  °C  (Hatz  and 
Dickson,  1992).  Temperature  requirements  do  not  appear  to  be  consistent  among 
different  P.  penetrans  isolates.  For  example,  an  Indian  isolate  that  infects  Heterodera 
spp.  and  M.  incognita  completed  its  life  cycle  in  M.  incognita  in  49  days  at  1 0 to  1 7 °C 


(Bhattacharya  and  Swarup,  1988). 
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Temperature  has  been  shown  to  affect  endospore  attachment  to  J2  (Ahmed  et  al., 
1990;  Singh  and  Dhawan,  1990;  Stirling  et  al.,  1990).  The  rate  of  endospore  attachment 
at  27  °C  is  approximately  double  that  at  18  °C  (Stirling  et  al.  1990),  with  the  maximum 
degree  of  attachment  observed  at  30  °C  (Ahmed  et  al.,  1990;  Hatz  and  Dickson,  1992), 
and  declining  at  higher  temperatures  (Hatz  and  Dickson,  1992).  Another  isolate  of 
Pasteuria  sp.  that  is  parasitic  on  H.  cajani  showed  higher  numbers  of  endospores 
attached  at  25  °C  than  at  15  or  35  °C  (Singh  and  Dhawan,  1990).  Freitas  et  al.  (1997), 
showed  that  attachment  of  endospores  to  J2  was  reduced  after  endospores  were  exposed 
to  40,  50,  and  60  °C.  Storage  temperature  and  time  periods  also  have  been  shown  to 
affect  attachment  to  J2.  The  endospore  attachment  to  J2  of  Heterodera  cajani  increased 
with  increase  storage  temperature  from  5 to  30  °C  but  declined  after  45  °C  (Gogoi  et  al., 
2001). 

Germination  of  endospores  also  is  affected  by  temperature.  Germ  tubes  formed 
and  penetrated  J2  of  M.  arenaria  race  2,  9 to  10,  6,  and  4 to  5 days  after  inoculation  at  21, 
28,  and  35  °C,  respectively  (Serracin  et  al.,  1997).  How  temperature  affects  germination 
is  unclear;  however,  temperature  may  affect  the  development  of  host  nematodes, 
subsequently  triggering  the  germination  of  endospores. 

Pathogenesis  and  endospores  per  root  system  were  affected  by  temperature.  At 
30  °C,  P.  penetrans  proliferated  extensively  through  immature  females,  whereas  at  20  °C 
females  often  developed  ovaries  containing  eggs  prior  to  infection,  thus  preventing 
development  of  Pasteuria  (Stirling,  1981).  At  temperatures  of  20,  25,  30,  and  35  °C,  the 
average  number  of  endospores  per  root  system  was  12.5,  14.7,  1 15,  and  1 13  million, 
respectively  (Hatz  and  Dickson,  1992). 
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Development  was  affected  by  fluctuating  temperature  in  different  host  plants 
(Giannakou  et  al.,  1999).  Greenhouse  and  growth  room  experiments  showed  that  the  host 
plant  affected  the  development  of  P.  penetrans  indirectly  through  its  effect  on  nematode 
development.  The  numbers  of  endospores  produced  per  infected  female  of  M.  javanica 
were  reduced  with  increasing  numbers  of  females  parasitizing  okra  and  tomato  roots. 

The  life  cycle  of  P.  penetrans  was  completed  faster  at  a constant  temperature  close  to  30 
°C  than  when  the  temperature  fluctuated  above  or  below  30  °C  (Giannakou  et  al.,  1999). 
pH 

Pasteuria  penetrans  was  detected  in  acidic  as  well  as  in  alkaline  soils  (Sturhan, 
1985).  Several  studies  have  shown  that  effects  of  pH  on  endospore  attachment  rates  vary. 
The  optimum  pH  for  attachment  of  endospores  of  Pasteuria  spp.  is  between  7.0  and  8.5 
(O’Brian,  1980).  The  highest  number  of  attached  endospores  was  found  on  Heterodera 
cajani  at  pH  8 in  India  (Kamra  et  al.,  1998).  Ahmed  et  al.  (1990)  found  the  highest 
attachment  rate  at  pH  9,  with  decreasing  rates  at  lower  pH.  Davies  et  al.  (1988)  observed 
a higher  attachment  rate  at  pH  7 than  pH  4 or  pH  9 in  tap  water,  but  the  rate  was  lower  at 
pH  7 than  pH  4 or  pH  9 in  distilled  water.  Attachment  of  sonicated  endospores  was 
higher  at  pH  7 than  pH  4 or  pH  9 in  distilled  water  and  tap  water,  but  for  a given  pH, 
attachment  was  higher  with  tap  water  (Davies  et  al.,  1988).  The  endospore  surface  has  a 
net  negative  charge,  which  was  greatest  at  neutral  pH  and  decreases  at  both  a higher  or 
lower  pH  (Afolabi  et  al.,  1995).  Consequently,  Afolabi  et  al.  (1995)  concluded  that 
previous  reports  of  a negative  electrostatic  charge  on  the  nematode  cuticle  must  be  in 
error  (Himmelhoch  et  al.,  1977)  because  attachment  rates  were  highest  when  the  negative 
charge  on  the  endospore  surface  was  highest. 
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Moisture 

The  effects  of  soil  moisture  on  endospore  attachment  and  development  of  P. 
penetrans  are  poorly  understood.  Since  endospores  of  P.  penetrans  are  not  motile  in  soil, 
their  attachment  rate  depends  on  the  movement  of  J2  in  soil.  Endospore  attachment  is 
affected  by  soil  moisture  because  soil  moisture  affects  nematode  movements  (Van 
Gundy,  1985).  However,  there  was  no  correlation  between  the  number  of  endospores 
attached  per  J2  and  the  soil  pore  size  or  soil  moisture  levels  in  an  experiment  reported  by 
Dutky  and  Sayre  (1978).  In  contrast,  an  experiment  to  determine  whether  moistening  air- 
dried  soil  containing  P.  penetrans  for  3 days  before  adding  J2  of  M.  incognita  showed 
that  endospore  attachment  increased  by  wetting  the  soil  (Brown  and  Smart,  1984). 
Interestingly,  soil  moisture  also  affects  the  growth  of  P.  penetrans  within  Meloidogyne 
spp.  females.  The  development  rate  of  P.  penetrans  in  infected  females  decreased  when 
soils  were  at  or  near  saturation  (Davies  et  al.,  1991).  A proposed  explanation  for  this 
observation  is  that  oxygen  depletion  in  wet  soil  inhibits  respiration,  thereby  inhibiting  the 
development  of  the  nematode  and  the  bacterial  parasite. 

Soil  type 

Pasteuria  penetrans  was  detected  in  a wide  range  of  soil  types  varying  from  pure 
sand  to  organic  soils  (Sturhan,  1985).  Laboratory  experiments  suggest  that  increasing 
sand  content  might  improve  endospore  attachment  (Singh  and  Dhawan,  1992).  Sandy 
soil  allows  endospores  to  move  downward  with  percolating  water  (Oostendorp  et  al., 


1990;  Chapter  3). 
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Survival 

The  long-term  survival  of  endospores  of  P.  penetrans  in  field  soil  has  not  been 
reported.  The  endospores  resist  various  chemicals  and  environmental  stresses  in 
laboratory  experiments.  For  example,  endospores  survived  for  more  than  1 year  at  10  to 
36  °C  (Mani,  1988).  Endospores  of  P.  penetrans  show  properties  similar  to  those  of 
other  endospore-forming  bacteria  when  subjected  to  various  physical  and  chemical 
treatments.  Examples  include  resistance  to  desiccation  and  sonication,  and  extrusion  of 
endospore  contents  with  prolonged  exposure  to  0.1%  KMnCE  in  0.3  N HNO3  (Williams 
et  al.  1989). 

Endospores  can  survive  under  high  temperature  and  desiccation  (Williams  et  al., 

1 989).  It  is  been  reported  that  infectivity  of  P.  penetrans  endospores  was  reduced  after 
heating  endospores  at  100  °C  for  5 minutes,  but  attachment  was  not  noticeably  affected 
by  heating  at  100  °C  for  15  minutes  (Williams  et  al.,  1989).  Endospores  also  were 
resistant  to  desiccation  and  sonication.  Dutky  and  Sayre  (1978)  observed  that  endospores 
attachment  occurred  at  up  to  80  °C,  but  infection  did  not  occur  at  this  temperature. 
Suspending  endospores  in  water  at  temperatures  higher  than  30  °C  for  5 hours  daily  over 
a 10-day  period  decreased  attachment  from  61  endospores/J2  at  30  °C  to  > 8 
endospores/J2  at  60  °C  to  100  °C  (Freitas  et  al.,  1997). 

Long-term  survival  of  bacterial  endospores  is  achieved  by  the  following 
mechanisms:  (1)  a lack  of  high-energy  compounds  (ATP  and  NADFI)  in  the  endospore, 
(2)  high  concentrations  of  3-phosphoglycerate  (3PGA),  dipicolinic  acid  (DPA),  and 
divalent  cations  (Ca2+,  Mg2+,  and  Mn2+),  (3)  enzyme  dormancy,  (4)  dehydration  of  the 
endospore  protoplasm,  and  (5)  presence  of  a thick  cortex  and  coat  (Setlow,  1994).  The 
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combination  of  these  factors  is  used  to  predict  heat  resistance.  These  include  optimal 
growth  temperature  of  the  bacterium,  water  content  of  the  endospore  protoplasm,  mineral 
content,  and  cortex  size  (Gerhardt  and  Marquis,  1989).  The  impermeability  of  the 
protoplasm  membrane  and  endospore  coat  layers  provides  resistance  to  harmful 
chemicals  (Setlow,  1994).  Endospores  of  some  bacteria  can  survive  in  soil  up  to  9,000 
years  (Nilsson  and  Renberg,  1990;  Setlow,  1994).  The  known  ultrastructure, 
morphology,  sporogenesis,  and  chemical  properties  of  endospores  of  Pasteuria  spp.  are 
comparable  to  other  endospore-formers  (Bird  et  al.,  1990;  Chen  et  al.,  1997;  Williams  et 
al.,  1989).  However,  endospores  of  P.  nishizawae  have  a thinner  cortex  and  coat  layers 
compared  with  P.  penetrans,  thus  they  are  expected  to  have  less  resistance  to  heat  and 
certain  chemicals  (Nishizawa,  1989). 

Pasteuria  penetrans  as  a Biological  Control  Agent 
Biological  Control  Potential 

The  parasitic  characteristics  of  P.  penetrans,  which  limits  the  infection  and 
reproduction  of  root-knot  nematodes,  makes  this  bacterium  a promising  candidate  as  a 
biological  control  agent  of  the  nematodes  as  opposed  to  other  antagonists  or  methods 
(Chen  and  Dickson,  1998;  Chen  et  al.,  1996;  Dickson,  et  al.,  1994;  Stirling  1984).  The 
role  of  P.  penetrans  in  reducing  root-knot  nematode  populations  has  been  observed  on 
many  crops,  but  mostly  in  greenhouse  pots  (Chen  and  Dickson,  1 998).  Pasteuria 
penetrans  reduced  Meloidogyne  spp.  on  bean,  chickpea,  cucumber,  eggplant,  grape,  hairy 
vetch,  kiwi,  mung,  okra,  peanut,  pepper,  rye,  soybean,  tobacco,  tomato,  and  wheat  (Chen 
and  Dickson,  1998).  Pasteuria  spp.  have  been  reported  to  suppress  Belonolaimus 
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longicaudatus  on  bermudagrass  turf  (Giblin-Davis,  1990),  and  H.  elachista  on  rice 
(Nishizawa,  1987). 

There  have  been  some  unsuccessful  cases  involving  isolates  of  Pasteuria  spp. 
suppressing  plant-parasitic  nematodes.  For  example,  Spaull  (1984)  indicated  that  in 
sugarcane  fields  in  South  Africa  populations  of  Meloidogyne  spp.  were  generally  greater 
in  fields  infested  with  P.  penetrans  and  that  the  level  of  parasitism  was  greater  at  higher 
densities  of  the  nematodes.  Also,  Ciancio  et  al.  (1992)  showed  that  on  turfgrass  there 
was  no  significant  relationship  between  the  population  density  of  Helicotylenchus  lobus 
and  the  percentage  of  nematodes  with  endospores  attached  in  soil  naturally  infested  with 
Pasteuria  sp.  Both  studies  were  surveys,  so  the  findings  were  circumstantial.  Fully 
designed  experiments  are  needed  to  elucidate  the  role  of  Pasteuria  spp.  in  suppressing 
nematodes  in  these  particular  cases. 

Soil  Suppressiveness 

Suppressiveness  of  plant-parasitic  nematodes  in  soils  infested  by  biological  agents 
is  a relatively  new  idea  that  has  only  been  studied  during  the  past  2 decades.  Suppressive 
soils  are  described  as  those  in  which  disease  development  is  suppressed  even  though  the 
pathogen  is  introduced  in  the  presence  of  a susceptible  host  (Huber  and  Schneider,  1 982). 
Reported  studies  on  suppressiveness  of  Pasteuria  were  based  on  either  microplots  or  field 
research.  In  one  microplot  study,  Chen  et  al.  (1996)  found  that  10,000  endospores/g  of 
soil  was  enough  for  suppression  of  M.  arenaria  race  1 on  peanut.  Also,  a few  nematode- 
suppressive  soil  sites  infested  with  P.  penetrans  and  root-knot  nematodes  have  been 
documented  (Dickson  et  al.,  1991 ; Bird  and  Brisbane,  1988;  Minton  and  Sayre,  1989; 
Stirling  and  White,  1982;  Mankau  1980).  Dickson  et  al.  (1991)  reported  suppressiveness 
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of  the  peanut  root-knot  nematode  in  a peanut  field  near  Williston,  Florida.  This  particular 
field  had  been  used  for  peanut  nematode  research  for  many  years  because  of  the  heavy 
infestation  of  M.  arenaria  race  1 . By  the  mid-1980s,  peanut  growing  in  the  field  began  to 
show  signs  that  the  nematode  population  densities  were  declining.  Slowly,  over  a period 
of  4 to  5 years  peanut  yield  increased  and  root-knot  nematode  galling  decreased 
significantly.  They  conducted  numerous  tests  to  determine  whether  biological  control 
agents  in  the  soil  caused  the  suppressiveness.  These  tests  revealed  that  P.  penetrans  was 
a major  factor  in  suppressing  the  population  densities  of  M.  arenaria. 

Efficacy  and  Factors  Influencing  the  Population  Dynamics  of  Pasteuria  penetrans 

Greenhouse  and  microplots  tests  consistently  have  shown  that  P.  penetrans 
reduces  root-knot  nematode  galling  and  egg  production  (Daudi  et  al.,  1990;  Vargas  et  ah, 
1992).  Infection  by  P.  penetrans  reduces  the  number  of  J2  penetrating  roots  (Davies  et 
ah,  1988)  because  their  movement  is  significantly  reduced  when  they  are  encumbered 
with  an  average  of  seven  or  more  individual  endospore  (Davies  et  ah,  1991).  Also, 
infection  of  females  by  P.  penetrans  endospores  reduces  the  numbers  in  roots  (Davies  et 
ah,  1991),  their  fecundity  (Bird  and  Brisbane,  1988),  which  ultimately  lead  to  fewer  J2  in 
soil  (Davies  et  ah,  1988),  and  fewer  eggs  masses  on  roots  (Ahmed  and  Gowen,  1991 ; 
Weibelzahl-Fulton  et  ah,  1996). 

In  order  to  capitalize  on  soils  that  are  naturally  suppressive  because  they  are 
infested  with  large  densities  of  P.  penetrans  we  need  to  understand  the  population 
ecology  of  the  bacterium.  A few  studies  have  shown  that  some  nematode  management 
practices,  such  as  solarization,  soil  amendments,  or  soil  fumigation  may  compromise  or 
deteriorate  the  efficacy  of  P.  penetrans  (Freitas  et  ah,  2000a;  2000b).  In  particular,  soil 
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fumigants  that  contain  chloropicrin  have  been  shown  to  be  bactericide  (Freitas  et  al., 
1999).  Although  attachment  is  not  reduced,  development  inside  the  nematode  is 
completely  shut  down  (Freitas  et  al.,  1999). 

History  of  a P.  penetrans  Suppressive  Field 

A field  site  located  at  the  Woodrow  Fugate  farm  near  Williston,  Florida  was 
identified  as  a P.  penetrans  root-knot  nematode  suppressive  site  in  mid-1980s  (Dickson 
et  al.,  1991).  The  site  had  been  used  for  peanut  nematode  research  beginning  in  1970.  At 
that  time  and  over  the  next  1 0 to  15  years  the  site  was  conducive  for  root-knot  of  peanut. 
In  the  beginning  there  was  a heavy  infestation  of  M.  arenaria  race  1 , and  peanut  yields  in 
untreated  plots  were  generally  always  low  compared  with  plots  treated  with  fumigant 
nematicides.  The  site  began  to  show  signs  that  the  severity  of  nematode  disease  was 
declining  some  time  around  mid-1980s.  Gradually,  over  a period  of  4 to  5 years,  peanut 
yield  increased  and  root-knot  nematode  galling  on  pegs  and  pods  decreased  greatly 
(Dickson  et  al.,  1991;  Dickson  et  al.,  1994).  P.  penetrans  was  reported  to  have  been  one 
of  the  main  factors  causing  the  suppressiveness  of  the  soil  (Dickson  et  al.,  1994). 
Examination  of  the  second-stage  juveniles  (J2)  extracted  from  soil  taken  across  the  field 
showed  that  32%  of  them  were  infected  with  one  or  more  endospores  of  P.  penetrans. 
Without  any  soil  treatments,  peanut  yields  increased  from  about  2000  kg/ha  in  early 
1980s  to  over  5,605  kg/ha  in  1990. 

Objectives 

Biological  control  is  an  attractive  alternative  to  chemical  control.  It  offers 
exciting  possibilities  for  the  future  management  of  nematodes.  Recently,  P.  penetrans, 
an  endospore-forming  bacterial  obligate  parasite  of  nematodes,  has  been  recognized  as  a 
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potential  biological  control  agent  for  M.  arenaria  race  1 . Pasteuria  penetrans  is  known 
to  cause  soils  to  become  suppressive  to  this  nematode  (Dickson  et  al.,  1994). 

The  long-term  goal  was  to  study  the  persistence  and  suppressiveness  of  P. 
penetrans  (isolate  P-20)  to  M.  arenaria  race  1 , but  during  the  course  of  the  study  M. 
javanica  was  discovered  infecting  peanut  at  the  experimental  site.  Hereafter  they  are 
referred  to  as  Meloidogyne  spp.  because  of  the  mixture  of  the  two  species. 

The  objectives  of  the  research  reported  herein  were  (i)  to  determine  the  long-term 
effects  (9  years)  of  two  nonhost  crops  and  weed  fallow  on  M.  arenaria  race  1 and  P. 
penetrans  population  densities,  (ii)  to  determine  the  suppressiveness  of  the  soil  to  M. 
arenaria  race  1 and  the  length  of  time  that  suppressiveness  is  maintained,  (iii)  to 
determine  downward  percolation  of  P.  penetrans  endospores  vertically  in  soil  in  the  field 
and  in  the  laboratory,  (iv)  to  determine  the  percentage  of  Meloidogyne  javanica  in  the 
peanut  field  (based  on  esterase  phenotypes),  and  (v)  to  confirm  that  M.  javanica  infects 
peanut  at  this  site. 


CHAPTER  2 

EFFECT  OF  TWO  CROPS  AND  WEED  FALLOW  ON  PASTEURIA 
PENETRANS  IN  FIELD  SOIL 

Introduction 

The  peanut  root-knot  nematode,  Meloidogyne  arenaria  (Neal)  Chitwood  race  1 , is 
described  as  one  of  the  most  important  pathogens  of  commercially  grown  peanut 
( Arachis  hypogaea  L.)  in  the  United  States,  especially  in  the  southeastern  United  States, 
and  throughout  the  world  (Minton,  1 984).  Currently,  nematicides  and  crop  rotation  are 
currently  the  only  control  tactics  for  root-knot  nematodes  in  peanut  (Kinloch,  2001), 
although  plant  resistance  is  a promising  new  area  of  research  (Nelson  et  al.,  1989; 
Holbrook  and  Noe,  1990;  Shew  et  al.  1 993;  Simpson  and  Starr,  2001).  Biological  control 
of  nematodes  with  microbial  agents  also  is  an  attractive  alternative  to  chemical  control, 
and  this  area  of  research  is  receiving  increased  interest  among  nematologists.  It  offers 
strong  potential  for  future  management  of  nematodes  (Dickson,  1998). 

A peanut  field  located  on  the  Woodrow  Fugate  farm  near  Williston,  Levy  County, 
FL,  has  been  used  for  peanut  nematode  research  for  many  years  beginning  in  1970.  At 
that  time  root-knot  was  a devastating  disease  on  the  site  (Dickson,  pers.  comm.).  Around 
the  mid-1980s  the  site  began  to  show  signs  that  the  nematode  disease  problem  was 
declining.  Gradually,  over  a period  of  several  years  peanut  yield  increased  and  root-knot 
nematode  galling  on  roots,  pegs  and  pods  decreased  greatly  (Dickson  et  al.,  1991 ; 
Dickson  et  al.,  1994).  Examination  of  second-stage  juveniles,  (J2)  extracted  from  soil 
samples  taken  across  the  field  showed  that  32%  of  them  had  high  numbers  of  endospores 


33 


34 


of  Pasteuria  penetrans  attached.  In  1 990,  the  entire  2-hectare  site  was  planted  with 
peanut  and  the  yield  averaged  5,605  kg/ha,  which  was  well  above  the  state  average  in 
Levy  County  for  that  year  (1990).  The  conclusion  was  that  the  site  had  become  highly 
suppressive  to  the  peanut  root-knot  nematode  and  the  most  likely  reason  was  that  P. 
penetrans  had  built  to  a highly  suppressive  density. 

There  are  few  or  no  data  on  the  long-term  persistence  of  P.  penetrans  in 
suppressive  sites  and  whether  or  not  suppressiveness  can  be  maintained  for  a long  period 
of  time.  Also,  no  data  were  found  in  the  literature  on  the  effect  of  growing  various  crops, 
some  nonhosts  for  the  nematode,  on  the  bacterium,  or  the  suppressiveness  of  soils.  These 
become  important  considerations  if  we  are  to  understand  soil  suppressiveness  to  plant- 
pathogenic  nematodes.  We  need  to  know  how  long  suppressiveness  is  maintained,  and 
the  effects  of  different  plants  are  growing  in  suppressive  soils?  In  an  attempt  to  answer 
these  concerns  it  was  decided  that  a randomized  complete  block  design  be  established  at 
the  suppressive  site  of  the  Fugate  farm.  Treatments  imposed  were  two  nonhost  crops  for 
M.  arenaria  race  1,  bahiagrass  (Paspalnm  notatum  Flugge  cv.  Pensacola  var.  Tifton  9) 
and  rhizomal  peanut  (Arachis  glabrata  Benth.  cv.  Florigraze),  and  weed  fallow  beginning 
in  the  summer  of  1991 . The  objectives  were  to  determine  the  long-term  effects  (9  years) 
of  two  established  crops,  bahiagrass  and  rhizomal  peanut,  and  weed  fallow  on  persistence 
of  M.  arenaria  and  P.  penetrans. 

Materials  and  Methods 

A RCBD  with  10  replications  was  established  in  1991.  The  three  treatments  were 
bahiagrass,  rhizomal  peanut,  and  weed  fallow.  Two  root-knot  nematodes  non-host  weeds 
observed  in  weed  fallow  plots  were  hairy  indigo  ( Indigofera  hirsuta ) and  alyce  clover 
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(. Alysicarpus  vaginalis  (L).  All  plots  were  planted  with  rye  (Secale  cereale  L.  cv.  Wrens 
Abruzzi)  during  the  autumn-winter  season  as  a cover  crop.  Each  plot  was  38  m long,  and 
10.6  m wide  with  a 2.4  m wide  non-tilled  border  separating  each  plot.  The  soil  was 
classified  as  Arredondo  fine  sand  (92.5%  sand,  4%  silt,  3.5%  clay,  and  <1%  organic 
matter;  pH  7.2).  From  1991  to  1999,  the  site  received  minimum  inputs.  No  fertilizer, 
irrigation,  or  pest-pathogen  management  tactics  were  applied;  however,  once  or  twice 
each  year  weeds  were  mowed  in  the  weed  fallow  plots  and  in  all  borders  and  alleyways. 
Bahiagrass  established  well  during  the  first  two  growing  seasons,  but  rhizomal  peanut 
required  about  3 years  to  give  complete  ground  cover. 

Development  of  Meloidogyne  arenaria  race  1 and  Pasteuria  penetrans. 
Experiments  on  the  population  densities,  persistence,  and  suppressiveness  of  a field  soil 
infested  with  M.  arenaria  race  1 and  P.  penetrans  were  begun  in  1999,  and  continued 
through  2002.  Peanut  was  planted  in  the  bahiagrass  and  weed  fallow  plots  for  four 
consecutive  years  (1999  to  2002),  and  in  the  rhizomal  peanut  plots  three  concecutive 
years  (2000  to  2002).  In  1999,  the  bahiagrass  and  weed  fallow  plots  three  were  prepared 
for  planting  peanut  by  mowing,  plowing,  and  disking.  The  rhizomal  peanut  plots  could 
not  be  plowed  or  disked  because  of  a deep  and  thick  thatch  layer.  Therefore,  glyphosate 
herbicide  was  sprayed  over  the  rhizomal  peanut  plots  in  the  summer  of  1991  to  kill  the 
plants  and  the  plots  were  prepared  for  planting  to  peanut  in  2000.  The  Florunner  cultivar 
was  planted  in  1 999,  the  Southern  Runner  cultivar  in  2000,  and  the  Georgia  Green 
cultivar  in  2001  and  2002.  Each  plot  consisted  of  10  rows  planted  on  90-cm  row  spacing. 
Production  practices  common  for  growing  peanut  in  the  area  were  applied  (Whitty, 


2002). 
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Twelve  cores  (2.5  cm-diam.,  20  cm-deep)  of  soil  were  taken  from  each  plot  each 
growing  season  with  a cone-shaped  sampling  tube  1 to  3 days  before  planting  (Pi),  near 
mid-season  [55-65  days  after  planting  (Pm)],  and  at  final  harvest  (Pf).  Soil  cores  from 
each  plot  were  combined,  mixed  thoroughly  and  nematodes  were  extracted  from  a 1 00 
cmJ  subsample  by  a centrifugal-flotation  method  (Jenkins,  1964).  All  plant-parasitic 
nematodes  were  counted.  The  first  20  J2  observed  from  Pi  (spring)  and  Pf  (autumn) 
populations  were  used  to  determine  the  number  of  P.  penetrans  endospores  attached. 
Twenty-six  plants  were  chosen  randomly  from  each  plot  at  harvest  every  season  to 
determine  root-knot  nematode  galling  based  on  an  scale  of  0 to  100  (0  = no  galls  on  roots 
and  100  = 100%  of  the  root  system  galled)  (Barker  et  al.,  1986).  Plant  growth  ratings 
were  determined  at  or  near  harvest  based  on  a scale  of  1 to  10(1  = poor  growth  and  10  = 
good  growth).  At  the  end  of  each  season,  except  2002,  peanut  plants  were  dug,  left  on 
the  soil  surface  for  1 or  2 days  to  dry,  and  harvested  with  a peanut  combine.  Yield  data 
were  recorded  from  the  middle  six  rows  (total  of  1 0 rows  in  a plot)  of  each  plot. 

Although  all  peanut  plants  were  dug  in  2002,  yields  were  not  determined  because  plants 
in  all  plots  were  severely  stunted  from  drought  during  the  first  2 months  of  the  growing 
season. 

Soil  bioassav  for  yasteuria  penetran.  A soil  bioassay  was  conducted  preplant  and  at 
harvest  to  determine  the  presence  of  P.  penetrans  in  the  soil.  A portion  of  soil  from  the 
soil  samples  (above  paragraph)  taken  from  each  plot  was  air-dried  and  40  g from  each 
sample  was  placed  in  a 50-ml  sterile  polyethylene  centrifuge  tube.  Soil  water  content 
was  adjusted  to  100%  (saturated)  capacity  to  increase  the  rate  of  endospore  attachment  to 
J2  (Brown  and  Smart,  1984).  Then  500,  1-to  3-day-old  J2  of  M.  arenaria  race  1 were 
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added  and  the  tubes  left  uncovered  at  room  temperature.  Three  days  later  the  J2  were 
extracted  by  a centrifugal-flotation  method  (Jenkins,  1964).  The  following  scale  was 
used  to  estimate  the  number  of  endospores  attached  per  J2:  0 = none,  1 = 1-2,  2 = 3-5,  3 = 
6-15,  4 = 16-100,  5 = >100.  Observations  were  made  with  an  inverted  microscope  and 
data  were  recorded  from  the  first  20  J2  observed  per  sample. 

Origin  of  the  root-knot  nematode  isolate.  The  isolate  of  Meloidogyne  arenaria  race  1 
used  in  the  bioassay  originated  from  peanut  grown  at  the  former  University  of  Florida 
Green  Acres  Agronomy  Farm,  Alachua  County,  FL.  The  nematode  was  cultured  on 
tomato  ( Lycopersicon  esculentum  Mill.  cv.  Rutgers).  Eggs  ofM  arenaria  race  1 were 
collected  from  galled  roots  by  treating  them  with  0.5%  sodium  hypochlorite  (Hussey  and 
Barker,  1973).  Eggs  and  J2  were  caught  on  a sieve  with  25  pm-pore  openings.  The  eggs 
were  hatched  on  a modified  Baermann  funnel  (Rodriguez-Kabana  and  Pope,  1981)  and 
used  as  1 -to  3-day-old  J2  for  the  bioassays. 

Number  of  females  of  Meloidosyne  arenaria  race  1 infected  with  Pasteuria 
penetrans.  Galled  roots  from  26  peanut  plants  were  collected  from  each  plot  at  harvest 
and  kept  in  a paper  bag  until  they  were  processed.  After  5 to  6 weeks,  about  10  g of  dry 
roots  from  each  sample  were  incubated  for  2 days  in  an  enzymatic  maceration  solution. 
The  solution  consisted  of  50  ml  of  0.5  M Na  acetate  (pH  5.0),  50  ml  of  Pomaliq  2 F 
(Gist-Brocades,  Charlotte,  NC),  500  pi  of  1 .0  M CaCl2,  and  400  ml  deionized  water 
(Chamecki,  1997).  The  samples  were  washed  vigorously  over  stacked-sieves  with  30- 
pm-pore  openings  (top)  and  200-pm-pore  openings  (bottom).  Forty  females  were  picked 
at  random  from  the  females  collected  on  the  bottom  sieve.  These  females  were  crushed 
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on  a glass  slide,  covered  with  a cover  slip,  and  checked  for  the  presence  of  P.  penetrans 
endospores. 

Statistical  analysis.  Data  were  subjected  to  analysis  of  variance  (ANOVA)  with 
SAS  software  (SAS  Institute,  Cary,  NC)  and  mean  treatment  differences  were  separated 
and  compared  using  Duncan’s  multiple-range  test.  Linear  regression  lines  were  run  with 
Microsoft  Excel  (Microsoft  Corporation,  Redmond,  WA). 

Results 

Treatments  affected  the  initial  and  final  population  densities  of  Meloidogyne  spp. 
(M  arenaria  and  Meloidogyne  javanica ) (P  < 0.05)  (Table  2-1).  Initial  densities  were 
greater  (P  < 0.05)  in  the  weed  fallow  plots  than  in  the  bahiagrass  and  rhizomal  peanut 
plots.  Also,  population  densities  (Pi,  Pm,  and  Pf)  were  different  among  years,  and  years 
x treatments  interaction  ( P < 0.05)  (Table  2-1).  In  2000,  the  Pi  density  remained  low  in 
the  rhizomal  peanut  plots,  but  increased  in  the  bahiagrass  and  weed  fallow  plots  (P  < 
0.05).  In  general,  the  densities  of  Meloidogyne  spp.  remained  relatively  low  throughout 
the  course  of  the  experiment.  Meloidogyne  spp.  reached  the  highest  densities  numerically 
at  the  Pf  of  the  3rd  year  (2001)  in  all  three  treatments.  There  was  a gradual  increase  in 
root-knot  nematode  densities  in  the  rhizomal  peanut  plots  with  the  largest  increases 
observed  in  the  3rd  and  4th  seasons. 

Treatments,  years,  and  treatments  and  years  interaction  affected  the  percentage  of 
J2  with  endospore  attached  and  the  average  number  of  endospores  per  J2  in  both  spring 
and  autumn  seasons  (P  < 0.05)  (Table  2-2).  The  percentage  of  J2  with  endospores 
attached  and  the  average  number  of  endospores  per  J2  were  nearly  undetectable  in  all 


Table  2-1 . The  initial  (Pi),  mid-season  (Pm),  and  final  (Pf)  population  densities  of  Meloidogyne  sppa  based  on  100  cm3  of  soil 
taken  from  peanut  grown  over  four  consecutive  summer  seasons  (1999-2002)  following  9 years  of  bahiagrass,  rhizomal  peanut,  and 
weed  fallow  treatments. 
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bMain  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
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Table  2-2.  The  percentage  of  second-stage  juveniles  (J2)  of  Meloidogyne  spp.a  with  endospores  of  Pasteuria  penetrans 
attached  and  the  average  number  of  endospores  attached  per  J2  in  1 00  cm3  of  soil  collected  from  each  peanut  plot  before  plantii 
at  harvest  for  four  growing  seasons  (1999-2002)  following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow  treatments. 
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Table  2-2.  Cont’d. 
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aMeloidogyne  arenaria  race  1 is  the  dominant  species  infecting  peanut  at  this  site;  however,  M.  javanica  also  was  discovered 
infecting  peanut  in  this  field  in  the  autumn  of  2001  (see  Chapter  5). 


bMain  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
Bahiagrass  and  weed  fallow  plots  were  planted  with  peanut  during  summers  of  1999  to  2002,  whereas  rhizomal  peanut  plots  were 
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plots  in  1999  and  the  spring  of  2000;  however,  they  increased  in  all  plots  in  the  autumn  of 
2001  with  the  largest  increase  occurring  in  the  weed  fallow  plots  (P  < 0.05)  (Table  2-2). 

In  the  spring  and  autumn  of  2002,  the  percentage  of  J2  with  endospores  attached  were 
lower  in  the  rhizomal  peanut  plots  than  in  the  weed  fallow  plots,  and  also  in  the  autumn 
there  were  fewer  endospores  attached  per  J2  in  the  rhizomal  peanut  plots  compared  with 
the  weed  fallow  plots  (P  < 0.05)  (Table  2-2).  There  were  no  differences  among  the  other 
treatments  (Table  2-2). 

Soil  bioassays  conducted  over  the  4 years  showed  a positive  linear  relationship 
with  Pasteuria  endospores  and  sampling  dates  (Fig.  2-1).  There  was  an  increase  in  the 
number  of  endospores  per  J2  in  all  plots  over  the  4-year  period  (weed  fallow:  Y = 

0.4461x  - 0.6698,  R2  = 0.8755,  P < 0.05,  bahiagrass:  Y = 0.3068x  - 0.7568,  R2  = 0.8096, 

P < 0.05,  and  rhizomal  peanut:  Y = 0.1452x  - 0.3978,  R~  = 0.6179,  P < 0.05).  The 
greatest  increase  in  densities  of  endospores  occurred  in  the  weed  fallow  plots,  and  the 
lowest  densities  occurred  in  the  rhizomal  peanut  plots  (P  < 0.05)  (Fig.  2-1). 

Treatments  affected  the  number  of  endospores  per  J2  in  all  the  six-endospore 
categories  except  for  category  1 (1-2  endospore/J2)  (P  < 0.05)  (Table  2-3).  Also,  years 
affected  the  number  of  endospores  per  J2  in  the  all  endospore  categories  except  for 
category  2 (3-5  endospore/J2)  over  the  4-year  (P  < 0.05)  (Table  2-3).  Treatments  x years 
interaction  also  affected  the  number  of  endospores  per  J2  differently  in  all  categories  (P  < 
0.05)  (Table  2-3).  In  1999,  weed  fallow  plots  supported  a greater  percentage  of  J2  with 
endospores  attached  and  average  number  of  endospores  per  J2  with  the  greatest  numbers 
observed  in  the  first  four  categories  (0,  1, 2,  3,  -4)  {P  < 0.05)  (Table  2-3).  In  2000,  there 
were  differences  in  percentage  of  J2  with  endospores  attached  among  all  three  treatments, 
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Sampling  date 


Fig.  2-1 . Bioassay  of  the  number  of  endospores  of  Pasteuria  penetrans  attached  to 
second-stage  juveniles  (J2)  of  Meloidogyne  arenaria  race  1 in  soil  collected  at  planting 
and  at  harvest  of  peanut  grown  each  year  for  4 consecutive  years  in  weed  fallow, 
bahiagrass,  and  3 years  in  rhizomal  peanut  plots.  Data  were  transformed  with  logio  (x+1) 
before  analysis.  A linear  model  described  a positive  response  between  log-transformed 
P.  penetrans  endospore  numbers  and  sampling  dates  for  each  of  three  treatments.  Weed 
fallow:  Y = 0.4461x  - 0.6698,  R2  = 0.8755,  P < 0.05,  bahiagrass:  Y = 0.3068x  - 0.7568, 
R2  = 0.8096,  P < 0.05,  and  rhizoma  peanut:  Y = 0.1452x  - 0.3978,  R2  = 0.6179,  P < 0.05 
(Aut  = Autumn;  Sp  = spring). 


Table  2-3.  Soil  collected  at  peanut  harvest  (1999-2002)  was  used  to  conduct  a bioassay3  of  the  percentage  of  second-stage 
juveniles  (J2)  of  Meloidogyne  arenaria  race  1 with  endospores  of  Pasteuria  penetrans  attached  and  the  average  number  of  endospores 
attached  per  J2  following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow  treatments. 
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Table  2-3.  Cont’d. 

aForty  grams  of  air-dried  soil  was  placed  in  a 50  ml  sterile  polyethylene  centrifuge  tube.  Five-hundreds,  1 to  3 day-old 
Meloidogyne  arenaria  race  1 J2  were  added.  Three  days  later,  J2  were  extracted  by  a centrifugal-flotation  method  and  the  number  of 
endospores  attached  per  J2  was  counted  based  on  the  first  20  J2  observed  per  sample. 
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with  the  greatest  numbers  occurring  in  weed  fallow  plots  ( P < 0.05)  (Table  2-3).  The 
greatest  percentages  of  J2  with  endospores  attached  were  observed  in 
weed  fallow  plots  in  2000  (87%).  The  largest  average  number  of  endospores  per  J2  was 
observed  in  weed  fallow  plots  in  2001  (3  endospores/J2).  The  3rd  and  4th  years  supported 
the  greatest  percentages  of  J2  with  endospores  attached  in  all  treatments,  and,  the  greatest 
numbers  of  endospores  attached  per  J2. 

There  was  an  effect  of  treatments,  years,  and  year  x treatments  interaction  on 
galling  percentages  (P  < 0.05)  (Table  2-4).  There  was  consistently  high  gall  rating  on 
peanut  for  each  treatment  over  the  4 years;  but  in  2002  the  least  amount  of  galling 
occurred  in  the  weed  fallow  plots  (P  < 0.05)  (Table  2-4).  Galling  was  high  on  peanut 
grown  in  bahiagrass  plots  even  the  first  year  and  remained  fairly  consistent  over  the  4 
years,  whereas  in  the  rhizomal  peanut  plots  galling  was  around  50%  in  years  2 and  3 but 
increased  to  over  90%  in  the  4th  year  (Table  2-4). 

There  was  no  difference  among  treatment  effects  on  the  plant  growth  ratings 
within  a year,  but  years,  and  year  x treatments  interaction  affected  plant  growth  rating  ( P 
< 0.05)  (Table  2-4).  The  growth  rating  of  peanut  was  low  in  all  plots  throughout  the 
study  except  for  the  rhizomal  peanut  plots  in  2000  and  2001  (P  < 0.05)  (Table  2-4). 

There  were  differences  in  growth  ratings  among  the  treatments  in  each  of  4years  except 
for  1999  (P  < 0.05)  (Table  2-4). 

There  was  a difference  among  treatment  effects  on  yield,  but  this  difference 
varied  from  year  to  year  (P  < 0.05)  (Table  2-4).  There  also  was  a difference  among 
years,  and  year  x treatments  interaction  on  yield  ( P < 0.05)  (Table  2-4).  In  1999,  peanut 
yield  was  higher  in  bahiagrass  plots  than  in  weed  fallow  plots  ( P < 0.05),  and  this  trend 


Table  2-4.  Comparison  of  overall  galling  percentages,  growth  rating,  and  yield  of  peanut  grown  each  year  from  1999  to  2002 
following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow. 
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aMain  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
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Table  2-5.  Number  of  Pasteuria penetrans  endospore-filled  females3  of  Meloidogyne  arenaria  race  1 collected  from  peanut 
roots  grown  during  the  2000-2002  seasons  following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow. 
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bMain  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
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continued  in  2000,  but  in  2001  yield  was  less  in  bahiagrass  than  in  weed  fallow  plots  (P  < 
0.05)  (Table  2-4).  The  highest  increase  among  treatments  in  peanut  yield  was  observed 
in  rhizomal  peanut  plots  in  2001,  the  last  year  of  recorded  yield  data  ( P < 0.05)  (Table  2- 

4). 

Treatments,  years,  and  treatment  x years  interaction  affected  the  percentage  of  P. 
penetrans  infected  females  for  the  last  3 years  of  the  4-year  study  ( P < 0.05)  (Table  2-5). 
In  1999,  no  endospore-infected  females  were  recorded,  but  for  the  last  three  years,  the 
percentage  of  endospore-infected  females  consistently  increased  in  numbers  in  all  plots 
over  the  course  of  the  study  (Table  2-5).  In  2000,  weed  fallow  plots  supported  a greater 
numbers  of  endospore-infected  females  than  bahiagrass  or  rhizomal  peanut  plots  and  this 
trend  held  for  years  2001  and  2002  (P  < 0.05)  (Table  2-5).  Rhizomal  peanut  plots 
maintained  the  lowest  number  of  endospore-infected  females  in  both  2001  and  2002  (P  < 
0.05)  (Table  2-5).  Bahiagrass  plots  supported  the  greatest  increase  in  the  number  of 
endospore-infected  females  increasing  from  6%  in  2000  to  41%  in  2002  (P  < 0.05) 

(Table  2-5). 

Discussion 

Peanut  grown  in  bahiagrass,  rhizomal  peanut,  and  weed  fallow  plots  affected  the 
number  of  J2  of  Meloidogyne  arenaria  race  1 and  endospore  densities  of  Pasteuria 
penetrans  in  the  4-year  study.  At  the  beginning  of  the  experiment,  P.  penetrans  was 
detected  in  very  low  numbers  in  the  soil,  but  the  number  of  root-knot  nematodes  also  was 
low.  Densities  of  endospores  are  likely  dependent  on  root-knot  nematode  densities 
(Dickson  et  al.,  1991;  1994;  Sayre  and  Starr  1993).  Our  bioassays  indicated  that  the 
presence  of  P.  penetrans  in  the  soil  could  be  detected  with  greater  precision  using  the 
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bioassay  than  by  detecting  endospore-encumbered  J2  extracted  from  soil.  Air  drying  of 
soil,  the  first  step  of  the  bioassay  procedure,  could  inhibit  or  terminate  other  microbial 
activities  that  could  hinder  endospore  attachment.  Or  it  may  be  a matter  of  maturation  of 
endospores.  Bringing  the  soil  moisture  content  up  to  100%  in  a bioassay  positively 
influences  attachment  (Brown  and  Smart,  1984).  It  is  known  that  endospores  that  have 
shed  the  exosporium  coat  readily  attach  to  the  nematode  host  (Davies  et  al.,  1988; 

Stirling,  1985). 

Over  the  course  of  the  experiment,  weed  fallow  plots  supported  the  greatest 
endospore  densities,  whereas  rhizomal  peanut  resulted  in  the  lowest  densities,  with 
bahiagrass  being  intermediate.  Since  neither  bahiagrass  nor  rhizomal  peanut  are  hosts  for 
M.  arenaria,  they  are  suggested  as  rotation  crops  for  management  of  that  nematode  in 
peanut  (Norden  et  al.,  1977;  Prine,  1978;  Sumner  et  al.,  1999).  In  weed  fallow  plots,  two 
weeds,  hairy  indigo  (Indigofer a hirsuta ) and  alyce  clover  ( Alysicarpus  vaginalis  (L), 
were  observed  supporting  M.  arenaria  race  1 . The  hairy  indigo  population  was  relatively 
dense  in  the  weed  fallow  plots,  a few  plants  occurred  in  the  bahiagrass  plots,  but  they 
were  rare  in  the  rhizomal  peanut  plots.  While  hairy  indigo  has  been  reported  to  suppress 
M.  javanica  and  M.  incognita  (McSorley  et  al.,  1994;  Rodriguez-Kabana  et  al.,  1988), 
this  weed  is  susceptible  to  M.  arenaria  race  1.  Alyce  clover  also  was  heavily  galled  in 
weed  fallow  plots  and  is  known  to  support  development  of  the  commonly  occurring  root- 
knot  nematodes.  Development  of  M.  arenaria  race  1 on  these  two  weeds  would  most 
likely  sustain  P.  penetrans.  Thus,  variability  among  endospores  densities  became  more 
apparent  among  the  treatments  as  the  study  progressed  over  4 years  despite  the  fact  that 
the  endospore  densities  were  almost  undetectable  at  the  beginning,  in  1999.  With  the 
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current  methods  available  for  detecting  P.  penetrans  in  soil,  only  a low  precision  of 
detection  is  thought  to  be  possible. 

The  population  densities  of  P.  penetrans  increased  over  time  in  all  plots  from 
almost  undetectable  levels  to  substantially  high  levels.  Nonetheless,  there  was  no  strong 
evidence  that  endospore  densities  reached  suppressive  levels  since  peanut  roots,  pods, 
and  pegs  were  significantly  galled,  and  yields  were  greatly  suppressed.  Unfortunately,  in 
the  final  year  of  the  experiment  an  extended  drought  caused  extreme  stress  on  plants  to 
the  point  where  harvesting  was  not  possible. 

Additionally,  the  examination  of  peanut  roots  revealed  infection  by  Rhizoctonia 
solani  Kuhn  ( Rhizoctonia  root  and  stem  rot  disease).  This  fungal  agent  occurs  worldwide 
and  causes  stand  loss  when  the  soil-fungi  population  is  substantially  high  (Porter  et  al., 
1984).  However,  the  density  of  this  disease  on  peanut  was  not  determined.  But  it  was 
not  surprising  that  the  disease  became  significant  because  peanut  was  grown  in  the  field 
mostly  in  a monoculture  from  1969  through  1990,  and  then  during  the  past  4 years.  Still, 
over  the  course  of  the  study  peanut  yield  were  better  in  the  bahiagrass  and  rhizomal 
peanut  than  in  the  weed  fallow  plots. 

Two  successful  examples  of  the  biological  control  potential  of  P.  penetrans  for 
management  of  peanut  root-knot  nematode  on  peanut  were  reported  recently  when  the 
bacterial  agent  was  introduced  to  field  microplots  (Chen  et  al.,  1996;  Oostendorp,  1990, 
1991).  These  two  studies  demonstrated  that  P.  penetrans  suppressed  the  peanut  root-knot 
nematode  in  a period  of  2 or  3-years,  and  resulted  in  the  soil  having  very  low  numbers  ot 
J2,  very  low  root,  pod  and  peg  galling,  and  significant  increases  in  peanut  yield.  In 
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another  example,  P.  penetrans  suppressed  the  peanut  root-knot  nematode  beginning  from 
the  third  season  of  a 7-year  study  (Weibelzahl-Fulton,  1998). 

Meloidogyne  javanica  was  discovered  infecting  peanut  in  this  field  and  that  was 
totally  unexpected  (Cetintas  and  Dickson,  2003a;  2003b;  Lima  et  al.,  2002;  Chapter  5). 

Its  detection  in  the  early  autumn  of  2001,  following  peanut  harvest,  means  that  a portion 
of  peanut  yield  loss  each  year  could  be  attributed  to  this  nematode  (Lima  et  al.,  2002; 
Chapter  5).  The  presence  of  M.  javanica  could  mean  that  soil  suppressiveness  by  P. 
penetrans  as  previously  reported  (Dickson  et  al.,  1991)  could  not  again  be  reached.  It  is 
not  known  whether  P.  penetrans  P-20  isolate  attaches  to  and  develops  on  M.  javanica 
race  3,  however  it  is  not  thought  to  be  a host  (Oostendorp  et  al.,  1990) 

The  long-term  persistence  of  P.  penetrans  and  suppressiveness  in  soil  is  an 
unknown.  This  was  the  first  attempt  to  study  the  effects  on  the  development  of  P. 
penetrans  in  natural  field  soil,  i.e.  without  the  introduction  of  either  root-knot  nematode 
or  P.  penetrans.  In  the  4-year  study,  there  were  relatively  low  root-knot  nematode 
population  densities,  which  may  be  attributed  to  infection  and  suppression  by  P. 
penetrans.  These  results  warrant  additional  long-term  experiments  with  extended  time  to 
aid  in  the  understanding  of  the  dynamics  of  P.  penetrans  in  field  soil,  and  to  determine 
whether  nematode  population  densities  can  be  maintained  at  acceptable  low  levels. 


CHAPTER  3 

DISTRIBUTION  AND  DOWNWARD  PERCOLATION  IN  FIELD  SOIL  OF 
PASTEURIA  PENETRANS  ENDOSPORES 

Introduction 

Pasteuria  penetrans  (Thome)  Sayre  & Starr,  an  obligate  parasite  of  root-knot 
nematodes,  has  shown  potential  as  a biological  control  agent  (Chen  and  Dickson,  1998). 

It  is  at  least  one  of  the  agents  that  causes  soils  to  become  suppressive  to  root-knot 
nematodes  (Dickson  et  al.,  1991;  Dickson  et  al.,  1994). 

The  distribution  of  endospores  in  soil  may  play  an  important  role  in  the  elficacy 
and  success  of  the  organism  as  a biological  control  agent.  Although  endospores  of  P . 
penetrans  can  move  downward  in  soil  when  water  is  applied  (Ostendorp  et  ah,  1990; 
Dickson  et  ah,  1994),  little  information  is  available  on  the  organism’s  long-term 
persistence,  distribution,  and  movement  in  soil.  Percolation  by  rainwater  could  affect 
distribution  of  endospores  and  even  flush  endospores  from  the  upper  30-cm  of  soil  where 
they  are  likely  to  be  most  effective.  Because  soil  suppressiveness  was  thought  to  be  less 
than  realized  in  the  experimental  research  site  (Chapter  2),  this  study  was  conducted  to 
determine  whether  endospores  could  readily  percolate  vertically  through  the  soil.  The 
objective  of  this  study  was  to  determine  whether  endospores  of  P.  penetrans  could 
percolate  vertically  in  soil,  and  whether  endospores  could  be  detected  at  various  depths  in 
the  field. 
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Materials  and  Methods 

Field  Trial.  The  peanut  field  located  on  the  Woodrow  Fugate  farm  near  Williston, 
Levy  County,  FL  (Chapter  2)  was  used  for  this  study.  The  experiment  was  conducted  as 
a randomized  complete  block  design  with  three  treatments,  replicated  four  times  (total  of 
12  plots),  and  each  replicate  was  composed  of  five  subsamples  per  plot.  The  three 
treatments  were  soil  from  plots  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow.  Soil 
samples  were  taken  once  a year  at  five  depths  (0-15,  15-30,  30-45,  45-60,  60-75  cm). 

Five  soil  cores  per  depth  were  removed  via  a bucket  agar  (10-cm-d)  with  each  location 
about  25  m apart  in  the  middle  of  each  plot.  The  soil  was  classified  as  Arredondo  fine 
sand  [(92.5%  sand,  4%  silt,  3.5%  clay,  and  <1%  organic  matter;  pH  7.2  for  the  top  0-15 
cm  depth),  (91%  sand,  2%  silt,  7%  clay,  and  <1%  organic  matter;  pH  7.4  for  the  15-45 
cm  depth),  (85%  sand,  4%  silt,  1 1%  clay,  and  <1%  organic  matter;  pH  7.4  for  the  45-75 
cm  depth)].  The  soil  samples  at  each  depth  within  each  plot  were  combined,  mixed 
thoroughly,  placed  in  10  x 15  x 20  cm,  0.002  cm  thick  polyethylene  bags,  which  were 
placed  in  a cooler,  and  immediately  taken  to  the  laboratory  for  processing.  All  plant- 
parasitic  nematodes  were  extracted  by  a centrifugal-flotation  method  (Jenkins,  1964), 
identified  and  counted. 

A soil  bioassay,  as  described  below,  was  used  to  determine  the  presence  of  P. 
penetrans  endospores  in  the  soil  at  each  soil  depth  each  season.  Soil  samples  were  air- 
dried  and  40  g from  each  were  placed  in  a 50  ml  sterile  polyethylene  centrifuge  tube. 

Soil  water  content  was  adjusted  to  100%  field  capacity  (saturated)  to  increase  the  rate  of 
endospore  attachment.  Then,  500,  1-to  3-day-old  J2  of  M.  arenaria  race  1 were  added 
and  the  tubes  left  uncovered  at  room  temperature.  Three  days  later  the  J2  were  extracted 
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by  centrifugal-flotation  method  (Jenkins,  1964),  and  the  number  of  endospores  attached 
per  J2  was  determined  with  the  aid  of  an  inverted  microscope.  The  first  20  J2  observed 
per  sample  were  used. 

Laboratory  trial  1 . The  polyvinylchloride  plastic  tubes  55  cm  long  and  5 cm  diameter 
(id)  were  filled  up  to  50  cm  with  an  Arredondo  fine  sand  soil  by  driving  them  into  an 
undisturbed  soil  in  a field  located  at  the  University  of  Florida  Plant  Science  Unit,  Marion 
County,  Citra,  FL.  The  filled  tubes  were  removed  from  the  field  and  taken  to  the 
laboratory.  The  top  5 cm  of  each  tube  was  left  unfilled  to  provide  enough  room  for  water 
to  be  added,  and  the  bottom  end  of  the  tubes  were  covered  with  Nitex  screen  (45  pm 
opening)  (TETKO,  Elmsford,  NY)  to  block  the  soil  from  being  washed  out  the  bottom  of 
tubes. 

Three  representative  tubes  were  used  to  determine  soil  measurement  for  bulk 
density,  soil  moisture,  percentage  organic  matter,  and  soil  texture.  At  the  initiation  of  the 
study,  bulk  density  and  soil  moisture  was  1.5  g/cm3  and  18%,  respectively.  The  bulk 
density  was  an  indication  of  the  size  of  soil  pore  space  in  a given  volume.  The  soil  was 
classified  as  a Sparr  fine  sand,  and  consisted  of  93%  sand,  3.5%  silt,  3.5%  clay,  and  <1% 
organic  matter;  pH  = 7.4. 

Another  three  tubes  were  used  to  determine  water-holding  capacity  at  the  time  the 
experiment  was  initiated.  Tap  water  at  room  temperature  was  added  to  tubes  until  it 
leaked  from  the  bottom.  Once  water  was  visible  at  the  bottom  of  the  tube  the  soil  was 
considered  to  be  at  water  holding  capacity.  Water  holding  capacity  was  measured  as  310 
ml/tube.  The  amount  of  water  added  to  each  experimental  tube  was  one-halt  this  amount 
(155  ml).  The  treatments  consisted  of  0 (control),  10,000,  and  20,000  endospores/g  of 
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soil  and  each  treatment  was  replicated  three  times  in  a factorial  design.  The  experiment 
was  conducted  at  room  temperature.  The  weight  of  each  tube  was  recorded  before  and 
after  adding  water.  The  two  densities  of  P.  penetrans  (10,000  or  20,000  endospores/g  of 
soil)  were  added  to  the  top  of  each  tube  uniformly  in  10  ml  of  water  suspension.  Soon 
after,  1 55  ml  of  water  soil  were  added  to  the  soil  columns  to  bring  each  tube  up  to  one- 
half  water  holding  capacity.  After  each  water  application,  the  tubes  were  weighed,  and 
water  was  applied  to  bring  each  tube  back  to  one-half  water  holding  capacity.  This  was 
repeated  up  to  four  times,  i.  e.,  one  application  per  tube  — added  water  once,  two 
applications  per  tube — added  water  twice,  etc.  The  interval  between  each  water 
application  was  7 to  14  days  (total  of  55  days  for  the  trial). 

At  the  end  of  the  experiment  each  tube  was  destructively  sampled  by  cutting  it 
into  12.5-cm  sections.  Presence  of  endospores  was  determined  by  a bioassay  of  the  soil 
collected  from  the  middle  of  each  12.5-cm  section  (total  of  four  sections,  i.e.,  four 
depths)  with  a T-shaped  sampling  tube  (2.5-cm-d).  The  bioassay  was  run  for  3 days, 
after  which  the  J2  were  extracted  by  a centrifugal-flotation  method  (Jenkins,  1964)  and 
the  first  20  J2  were  observed  for  the  number  of  endospores  attached  per  J2.  Any 
endospores  present  in  the  water  collected  from  the  bottom  of  each  tube  were  concentrated 
by  centrifuging  at  8,000g  for  4 minutes.  The  water-endospore  suspensions  for  each  water 
application  were  concentrated  to  a 10  ml  volume  by  discarding  the  excess  water  with  a 
pipette.  Then,  500  J2  M.  arenaria  race  1 were  added  and  centrifuged  for  2 minutes  at 
8,000g.  The  J2  were  recovered  by  a centrifugal-flotation  extraction  method  and  observed 
for  the  number  of  endospores  attached.  Data  were  subjected  to  analysis  of  variance,  and 
treatment  means  were  compared  by  Duncan’s  multiple-range  test. 
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Laboratory  trial  2.  The  experiment  reported  in  laboratory  trial  1 was  repeated  after  8 
months. 

Pasteuria  penetrans  cultures.  The  origin  of  the  P.  penetrans  isolate,  designated  P-20, 
was  from  M.  arenaria  race  1 (Neal)  Chitwood,  from  Levy  County,  FL.  Spores  of  the 
isolate  were  extracted  from  M.  arenaria  infected  peanut  ( Arachis  hypogaea  L.  cv. 
Florunner)  roots  grown  at  the  original  isolation  site.  Thirteen  roots  of  peanut  were 
collected  from  each  plot  at  harvest  and  kept  in  a paper  bag  until  they  were  processed. 
After  5 to  6 weeks  about  10  g of  dry  roots  from  each  sample  were  incubated  for  2 days  in 
an  enzymatic  maceration  solution.  The  solution  consisted  of  50  ml  of  0.5  M sodium 
acetate  (pH  5.0),  50  ml  of  Pomaliq  2 F (Gist-Brocades,  Charlotte,  NC),  500  pi  of  1 .0  M 
calcium  chloride,  400  ml  deionized  water  (Charnecki,  1997).  The  samples  were  washed 
vigorously  over  stacked-sieves  with  30-pm-pore  openings  (top)  and  200-pm-pore 
openings  (bottom).  Pasteuria  penetrans  infected  females,  conspicuous  by  their  opaque 
appearance,  were  picked  from  among  the  females  collected  from  the  bottom  sieve  with  a 
stereo-microscope  at  a magnification  of  20x.  Five  females  were  placed  on  a glass  slide, 
covered  with  a cover  slip,  crushed  and  checked  for  the  presence  of  P.  penetrans 
endospores  under  the  microscope  at  a magnification  of  lOOx.  If  endospores  were  present 
they  were  washed  into  a bottle.  This  was  repeated  until  sufficient  endospore-filled 
females  (about  1,000)  were  collected.  These  were  macerated  in  a glass-tissue  grinder  in  1 
ml  deionized  water,  and  the  spore  concentration  was  determined  with  a bacterial 
Hemacytometer  counting  slide  (Hausser  Scientific,  Horsham,  PA). 
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Results 

Field  trial.  There  were  individual  and  combined  effects  of  treatments,  depths,  and 
years  on  the  percentages  of  J2  with  endospores  attached  and  the  average  number  of 
endospores  per  J2  in  the  soil  bioassay  {P  < 0.05)  (Table  3-1).  In  1999,  weed  fallow  plots 
resulted  in  a higher  percentage  of  J2  with  endospores  of  P.  penetrans  attached  in  the  top 
three  depths  than  those  from  bahiagrass  and  rhizomal  peanut  plots  ( P < 0.05)  (Table  3-2). 
However,  the  percentages  of  J2  with  endospores  attached  varied  in  the  deeper  two  depths 
for  the  same  year  (Table  3-2).  In  1999,  the  average  number  of  endospores  per  J2  also 
was  greater  in  weed  fallow  plots  than  those  in  bahiagrass  and  rhizomal  peanut  plots  at  all 
depths  {P  < 0.05).  Similar  results  persisted  for  2000,  except  in  the  average  number  of 
endospores  per  J2  in  the  bottom  two  depths  (Table  3-2).  In  2001,  the  percentage  of  J2 
with  endospores  attached  and  the  average  number  of  endospores  per  J2  were  greater  in 
the  upper  three  soil  depths  in  weed  fallow  plots  than  in  the  bahiagrass  and  rhizomal 
peanut  plots  with  the  exception  of  the  0-15  cm  depth  for  bahiagrass  ( P < 0.05)  (Table  3- 
2).  In  2002,  the  final  year  of  study,  there  was  no  difference  in  percentage  of  J2  with 
endospores  attached  and  the  average  number  of  endospores  among  the  treatments  {P  < 
0.05)  (Table  3-2).  A similar  trend  was  observed  for  J2  extracted  directly  from  the  field 
soil  but  the  bioassay  of  soil  consistently  revealed  a higher  percentage  of  J2  with 
endospores  attached  and  a greater  average  number  of  endospores  per  J2  than  those  in 
field  soil  samples  (Tables  3-2,  3-3). 

In  general,  the  numbers  of  Meloidogyne  spp.  detected  were  relatively  low  among 
all  treatments  and  depths  (Table  3-4).  Over  the  course  of  the  4-year  study,  there  were 
few  differences  in  the  root-knot  nematode  densities  among  the  treatments  within  the 
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Table  3-2.  The  percentage  of  second-stage  juveniles  (J2)  of  Meloidogyne  arenaria  race  1 with  Pasteuria  penetrans  endospore 
attached,  and  the  average  number  of  endospores  attached  per  J2  (as  determined  from  a bioassay3  conducted  on  the  soil)  at  five  soil 
depths  taken  at  harvest  for  each  peanut  season  1999-2002  following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow 
treatments. 
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Table  3-3.  The  percentage  of  second-stage  juveniles  (J2)  of  Meloidogyne  spp.a  with  Pasteuria  penetrans  endospore  attached 
and  the  average  number  of  endospores  attached  per  J2  (in  soil  collected  at  five  depths)  at  peanut  harvest  for  the  years  1999  to  2002 
following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow  treatments. 
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Table  3-4.  Number  of  second-stage  juveniles  (J2)  of  Meloidogyne  spp.a  at  five  soil  depths  at  taken  at  harvest  for  each  peanut 
season  1999-2002  following  9 years  of  bahiagrass,  rhizomal  peanut,  and  weed  fallow  treatments. 
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a Meloidogyne  arenaria  race  1 is  the  dominant  species  infecting  peanut  at  this  site,  however,  M.  javanica  also  was  discovered 
infecting  peanut  in  this  field  in  the  autumn  of  2001  (see  Chapter  5). 


Main  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
Glyphosate  herbicide  was  sprayed  over  the  rhizomal  peanut  in  the  summer  of  1991  to  kill  the  plants.  Bahiagrass  and  weed  fallow 
plots  were  planted  with  peanut  during  summers  of  1999  to  2002,  whereas  rhizomal  peanut  plots  were  planted  during  summers  of  2000 
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depths  sampled  (Table  3-4).  The  highest  density  of  root-knot  nematode  recorded  was 
194/100  cm3  in  weed  fallow  plots  in  2001,  at  the  deepest  depth,  60-75  cm. 

Laboratory  trials.  The  individual  and  interaction  effect  of  soil  depths,  inoculum 
levels,  number  of  water  applications,  and  trials  had  a difference  on  the  number  of 
endospores  detected  from  the  soil  except  for  the  interaction  effect  of  depth  and  trials,  and 
trials  alone  (P  < 0.05)  (Table  3-5).  Also  the  individual  and  interaction  effects  of  both  the 
number  of  water  applications  and  the  inoculum  levels  had  an  effect  on  the  number  of 
endospores  detected  in  the  water  collected  from  the  bottom  of  tubes  (Table  3-5)  (P  < 
0.05).  There  was  no  difference  in  number  of  endospores  in  the  water  among  the  trials 
(Table  3-5)  (P  < 0.05). 

In  trials  1 and  2,  P.  penetrans  endospores  were  observed  to  percolate  through  the 
soil  with  water  (Table  3-6).  After  one  application  of  water,  some  endospores  were 
detected  as  deep  as  25-37.5  cm  in  both  the  first  and  second  trials.  Endospores  were 
present  at  the  greatest  depth,  37.5-50  cm,  after  the  third  application  of  water  in  both  trials. 
The  number  of  endospores  of  P.  penetrans  detected  among  soil  depths  varied  for  both 
trials  (Table  3-6).  The  number  of  water  applications  in  the  same  inoculum  density 
affected  the  number  of  endospores  detected  at  various  depths  (P  < 0.05)  (Table  3-5).  In 
trial  1,  at  25-37.5  cm  depth,  the  application  of  water  three  and  four  times  moved  a greater 
number  of  endospores  than  one  or  two  water  applications  at  the  20,000  inoculum  density 
(P  < 0.05)  (Table  3-6).  In  the  same  trial,  at  37.5-50  cm  depth,  four  water  applications  had 
a greater  number  of  endospores  than  one  to  three  water  applications  at  the  20,000 
inoculum  density  ( P < 0.05)  (Table  3-6).  In  trial  two,  at  37.5-50  cm  depth  the  three  and 
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Table  3-5.  Analysis  of  variance  for  the  individual  and  combined  effects  of  soil 
depths,  inoculum  densities,  number  of  water  applications,  and  number  of  trials  on  the 
endospore  numbers  observed  on  second-stage  juveniles  (J2)  of  Meloidogyne  arenaria 
race  1,  based  on  soil  and  water  bioassays. 

Source  of  variation  Endospores/J2a  (soil)  Endospores/J2b  (water) 

Soil  depth  (D)  * 

Inoculum  density  (I)  * * 

Number  of  water  applications  (A)  * * 

Trials  (T)  ns  ns 

D x I * 

D x A * 

D x T ns 

I x A * * 

I x T * * 

A x T * * 

D x I x T * 

D x A x T * 

A x I x D * 

I x A x T * * 

D x I x A xT  * 


= No  statistical  analysis  conducted. 
aBased  on  first  20  J2  observed  in  the  soil  bioassay. 
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Table  3 


tube. 


5.  Cont’d. 

'Based  on  first  20  J2  of  bioassay  of  water  that  collected  from  the  bottom  of  each 
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four  water  application  treatments  supported  a greater  number  of  endospores  than  the  one 
or  two  water  application  treatments  at  the  20,000  inoculum  density  (P  < 0.05)  (Table  3- 
6).  The  water  application  affected  the  number  of  endospores  detected  in  the  water 
collected  from  the  bottom  of  the  tubes  (P  < 0.05)  (Table  3-5).  The  number  of  endospores 
detected  in  the  water  collected  from  the  bottom  of  the  tubes  were  0,  0,  0,  and  0.8  for  0- 
12.5,  12.5-25,  25-37.5  and  37.5-50  cm  depths,  respectively  atl 0,000  inoculum  level.  The 
numbers  of  endospores  detected  in  the  water  collected  from  the  bottom  of  the  tubes  were 
0,  0,  1,  and  7.8  for  0-12.5,  12.5-25,  25-37.5  and  37.5-50  cm  depths,  respectively  at 
20,000  inoculum  level. 

Discussion 

These  studies  indicate  that  P.  penetrans  endospores  can  move  downward  more 
than  75  cm  in  field  soil.  This  may  correspond  to  a decrease  in  the  numbers  of  endospores 
over  the  years  in  the  top  1 5 to  20  cm  of  soil  if  they  are  not  being  continuously  amplified 
over  time.  Second-stage  juveniles  of  root-knot  nematodes  with  endospores  attached  were 
found  down  to  122  cm  deep  in  a sandy  field  soil  in  Florida  (Dickson  et  al.,  1994).  Thus, 
it  is  believed  that  Pasteuria  spp.  becomes  widely  dispersed  through  the  soil  profile 
naturally,  at  least  in  sandy  soils.  Downward  movement  with  percolating  water  may  be 
restricted  by  the  characteristics  of  the  soil  such  as  small-pore  spacing,  higher  clay 
content,  organic  matter,  and  (or)  other  unknown  factors  (Dickson  et  al.,  1994;  Mateille  et 
al.,  2002).  The  soil  used  in  the  laboratory  trials  had  93%  sand,  which  suggests  that  the 
endospores  could  move  readily  in  the  pore  spaces  between  the  sand  particles. 

There  was  outcroppings  of  clay  pockets  across  the  field.  These  areas  were 
variable  in  size,  thereby  leading  to  variation  in  the  soil  texture.  Although  not  mapped,  the 
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existence  of  clay  probably  affected  both  root-knot  nematode  distribution  and  endospore 
densities  across  the  field.  Effects  of  clay  soils  on  nematode  communities  have  been 
reported  previously  (McSorley  and  Frederick,  2002).  Examination  of  the  soil  samples 
that  were  taken  from  the  site  at  different  depths  also  revealed  that  root-knot  nematodes 
could  be  found  down  to  75  cm  deep.  The  numbers  of  root-knot  nematodes  was  low  in  all 
plots  in  all  depths  in  2000  because  of  the  drought  conditions  at  the  field  at  the  time  of  soil 
sampling. 

Some  endospores  of  P.  penetrans  P-20  isolate  were  found  more  than  37.5  cm 
deep  in  the  laboratory  experiment  after  three  or  four  applications  of  water.  This 
corroborates  the  results  of  the  study  by  Oostendorp  et  al.  (1990),  who  reported  that  in  a 
small  vertical  soil-filled  chamber,  some  endospores  of  P-20  isolate  moved  downward  as 
deep  as  3.2  cm  after  a single  application  of  5.8  ml  of  water.  After  3 days,  they  detected 
endospores  at  the  greatest  distance  of  6.4  cm  from  the  surface.  They  reported  no 
endospores  in  the  water  collected  from  the  bottom  of  tubes.  However,  in  our  study  with 
the  water  bioassay,  we  found  endospores  attached  to  J2  in  the  bottom  of  the  tubes  (55  cm 
deep).  This  result  suggests  that  some  endospores  could  be  washed  down  by  rainfall  in  the 
field,  however,  most  of  the  endospores  stayed  in  the  top  layer  of  the  soil. 


CHAPTER  4 


PERSISTENCE  AND  SUPPRESS  I VENESS  OF  PASTEURIA  PENETRANS  TO 
MELOIDOGYNE  AREN  ARIA  RACE  1 IN  A PEANUT  FIELD  FOLLOWING  9 YEARS 
OF  BAHIAGRASS,  RHIZOMAL  PEANUT,  WEED  FALLOW,  AND  4 YEARS  OF 

CONTINUOUS  PEANUT. 

Introduction 

Suppressive  soils  may  be  defined  as  those  in  which  disease  development  in  a 
susceptible  host  is  suppressed  even  though  the  pathogen  is  present  (Huber  and  Schneider, 
1982).  Suppressiveness  of  soil  to  plant  pathogens  may  develop  naturally  as  an  inherent 
characteristic  of  their  physical,  chemical,  and  (or)  biological  structure.  Build  up  of 
biological  control  agents  (antagonists)  in  response  to  a high  pathogen  population  can 
result  in  soils  becoming  suppressive  (Baker  and  Cook,  1984).  Some  agronomic  practices 
that  change  microflora  may  induce  soil  suppressiveness  especially  when  susceptible 
plants  are  grown  in  sequence  (Baker  and  Cook,  1984). 

Pasteuria  penetrans  (Thorne)  Sayre  & Starr  is  an  obligate,  endospore-forming 
bacterium  that  has  been  shown  to  effectively  suppress  root-knot  nematodes  populations 
in  field  and  microplots  experiments  (Brown  and  Smart,  1985;  Chen  et  al.,  1996;  Freitas  et 
ah,  2000c;  Oostendorp  et  ah,  1991;  Stirling  1984;  Weibelzahl-Fulton  et  ah,  1996).  The 
organism’s  extended  survival  in  soil,  host  specificity,  tolerance  to  heat,  desiccation,  and 
some  nematicides  make  P.  penetrans  one  of  the  more  promising  environmentally  friendly 
biological  control  agents  for  plant-parasitic  nematodes  (Chen  and  Dickson,  1998; 

Stirling,  1991;  Bekal  et  ah,  2000).  In  most  studies,  suppressiveness  of  soils  to 
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Meloidogyne  spp.  was  observed  after  several  years  of  crop  production  (Bird  and  Brisbane 
1988;  Chen  et  al.,  1994;  Mankau,  1980;  Minton  and  Sayre,  1989).  The  organism  was 
reported  (Dickson  et  al.,  1994)  to  cause  suppressiveness  of  Meloidogyne  arenaria  race  1 
in  a peanut  field  located  on  the  Woodrow  Fugate  farm  near  Williston,  Levy  County,  FL. 
This  site  had  been  used  for  peanut  nematode  research  for  several  years  beginning  in 
1970. 

Because  of  the  suppressive  nature  of  the  soil  at  this  site,  a study  of  long-term 
survival  of  M.  arenaria  race  1 and  P.  penetrans  was  undertaken  in  the  summer  of  1991. 

A randomized  complete  block  design  was  established  with  three  treatments  and 
replicated  ten  times.  The  three  treatments  were  two  M.  arenaria  race  1 nonhost  crops 
(bahiagrass  Paspalum  notatum  Flugge  cv.  Pensacola  var.  Tifton  9),  rhizomal  peanut 
( Arachis  glabrata  Benth.  cv.  Florigraze),  and  weed  fallow.  All  plots  were  planted  with 
rye  ( Secale  cereale  L.  cv.  Wrens  Abruzzi)  during  the  autumn-winter  season  as  a cover 
crop.  Bahiagrass  and  weed  fallow  are  not  hosts  of  M.  arenaria  race  1 . After  9 years, 
bahiagrass  and  weed  fallow  plots  were  destroyed  by  plowing  and  disking.  The  rhizomal 
peanut  had  developed  such  a deep  and  thick  thatch  that  the  site  could  not  be  plowed  and 
disked.  Therefore,  the  herbicide,  glyphosate,  was  used  to  kill  the  plants  prior  to  plowing 
and  disking.  Because  of  having  to  use  the  herbicide,  planting  peanut  was  delayed  for  one 
season.  Thus  peanut  was  grown  on  this  site  only  three  consecutive  years.  Peanut  Arachis 
hypogaea  L.  was  planted  and  grown  four  consecutive  years. 

Autoclaving  was  used  to  kill  all  agents  in  soil  as  previously  reported  (Chen  et  al., 
1995;Weibelzahl-Fulton  et  al.,  1996),  thereby  allowing  root-knot  nematodes  to  be 
infective.  Microwaving  of  soil  was  used  as  an  improved  method  for  reducing  fungal 
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antagonists.  Earlier  observations  have  shown  that  microwaving  soil  is  an  effective 
method  to  reduce  possible  fungal  antagonists  (Chen  et  al.,  1995;  Ferris,  1984; 
Weibelzahl-Fulton  et  al.,  1996).  Whereas  air-dried  and  untreated  soils  would  contain 
antagonists  that  would  be  suppressive  to  M.  arenaria  race  1 . 

The  objective  of  the  experiment  was  to  determine  if  P.  penetrans  had  persisted 
and  increased  to  the  extent  that  populations  of  M.  arenaria  race  1 would  be  suppressed. 

Materials  and  Methods 

One  hundred  and  twenty  liters  of  soil  was  collected  from  each  of  three  plots 
(bahiagrass,  rhizomal  peanut,  and  weed  fallow)  by  taking  20  soil  cores  randomly.  The 
soil  from  each  site  was  mixed  thoroughly  and  divided  in  four  sub-samples  of  30  liters 
each  for  four  treatments.  The  treatments  were  autoclaving,  microwaving,  air-drying,  and 
untreated.  Each  treatment  was  replicated  five  times.  Moisture  of  the  soil  was  18%  when 
the  soil  was  prepared  for  the  treatments. 

Autoclaving.  Previously  sterilized  clay  pots  (15-cm-diameter)  were  filled  with  about 
1 liter  of  soil,  and  the  pots  covered  with  aluminum  foil  and  autoclaved  for  99  minutes  at 
55  kPa.  After  the  pots  cooled  to  room  temperature  they  were  autoclaved  again  (Mulder, 
1979). 

Microwaving.  The  30  liters  of  soil  were  microwaved  1 kg  at  a time.  The  1 kg  of  soil 
was  placed  in  even  layers  in  plastic  bags,  which  were  left  open,  and  heated  in  a 
microwave  oven  for  3 minutes  (Ferris,  1984)  at  full  power  (625  W,  2,450  MHz),  which 
increased  the  soil  temperature  to  about  75  °C. 

Air-drying.  The  soil  was  placed  in  4-5  cm  thick  layers  on  a polyethylene  sheet  on  a 
green  house  bench  for  2 weeks.  The  soil  was  stored  in  a greenhouse  until  used. 
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Untreated.  The  untreated  soil  was  stored  in  a cool  room  (10  °C)  until  used. 

One  hundred  milliliters  of  water  were  added  to  the  air-dried  soil  and  50  ml  to  all 
other  soil  treatments.  Then,  2,500  J2  of  M.  arenaria  race  1 were  dispensed  in  8 ml  of 
water  to  each  of  four  holes  (2  ml  of  nematode  suspension  each)  about  5 cm  deep  in  each 
pot.  After  1 week,  one  4-week-old  tomato  seedling,  Lycopersicon  esculentum  Mill.  cv. 
Rutgers,  was  transplanted  into  each  pot.  The  pots  were  kept  in  a growth  room  at  28  to  32 
°C  and  16  hours  of  light.  Every  10  to  14  days,  insects  were  managed  by  using 
insecticidal  soap  and  every  week  the  plants  were  fertilized  by  Peters  Professional  20-20- 
20  (N,  P2O5,  and  K2O,  respectively)  (Scotts-Sierra  Horticultural  Products,  Maryville, 

OH)  at  a rate  of  3 g/liter  of  water.  After  57  days  the  plant  stems  were  cut  off  at  ground 
level  and  discarded.  The  plant  roots  were  removed,  washed  free  of  soil,  and  stored  in  a 
cool  room  in  plastic  bags  at  10  °C  for  processing.  The  roots  were  examined  over  a 2-day 
period,  and  the  number  of  root  galls  counted.  Eggs  were  counted  following  extraction 
with  0.5%  sodium  hypochlorite  (Hussey  and  Barker,  1973). 

Nematode  population.  Meloidogyne  arenaria  race  1 originated  from  peanut  grown  at 
the  University  of  Florida,  Green  Acres  Agronomy  Farm,  Alachua  County,  FL.  The 
nematode  was  cultured  in  a greenhouse  on  Rutgers  tomato.  Inoculum  of  M.  arenaria 
race  1 was  collected  from  galled  roots  by  dissolving  the  gelatinous  matrices  with  0.5% 
sodium  hypochlorite  (Hussey  and  Barker,  1973)  and  catching  eggs  on  a sieve  with  25 
pm-pore  openings.  Second-stage  juveniles  were  obtained  by  hatching  the  eggs  on  a 
modified  Baermann  funnel  (Rodriguez-Kabana  and  Pope,  1981).  They  were  used  within 
1 to  3 days  after  they  hatched. 
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Statistical  analysis.  Data  were  subjected  to  analysis  of  variance  (ANOVA)  with  SAS 
software  (SAS  Institute,  Cary,  NC)  and  mean  treatment  differences  were  separated  and 
compared  using  Duncan’s  multiple-range  test. 

Results  and  Discussion 

In  the  soil  from  the  weed  fallow  and  rhizomal  peanut  sites,  root  galling  was 
significantly  greater  in  the  autoclaved  and  microwaved  treatments  than  in  the  air-dried 
and  untreated  treatments.  In  soil  from  the  bahiagrass  site,  root  galling  was  significantly 
greater  in  the  autoclaved,  microwaved,  and  untreated  treatments  than  in  the  air-dried 
treatments. 

Regardless  of  the  soil  source  (bahiagrass,  rhizomal  peanut,  and  weed  fallow 
plots),  peanut  grown  in  the  autoclaved  soil  treatments  contained  significantly  more  eggs 
than  any  other  treatments  (P  < 0.05)  (Table  4-1).  The  number  of  eggs  was  not 
significantly  different  in  the  microwaved  and  untreated  soil  for  any  treatment.  For  the 
air-dried  soil,  there  were  no  eggs  from  the  weed  fallow  and  bahiagrass  sites,  but  the 
number  of  eggs  from  the  rhizomal  peanut  site  was  not  significantly  different  from  the 
numbers  from  microwaved  or  untreated  soil.  There  were  no  differences  in  the  number  of 
eggs  between  microwaved  and  untreated  soil  among  all  treatments  (P  < 0.05).  In  two  of 
the  treatment  soils  (weed  fallow  and  bahiagrass)  there  were  no  eggs  recovered  in  the  air- 
dried  treatment,  and  only  10  eggs  were  recovered  in  the  rhizomal  peanut  treatment  (Table 
4-1). 

The  main  effects  of  soil  source,  treatment,  and  inoculation  densities  varied  in  the 
study.  Soil  sources  did  not  affect  the  number  of  eggs  and  galls  when  both  inoculum 
levels  were  included  in  the  analysis  (Table  4-2).  The  soil  treatments  and  inoculation 
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Table  4-1.  Number  of  eggs  and  gall  percentages  on  tomato  ( Lycopersicon 
esculentum  Mill.  cv.  Rutgers)  grown  in  Pasteuria penetrans  infested  soil  that  was  treated 
by  autoclaving,  microwaving,  air-drying,  and  untreated,  after  inoculation  with  0 or  2,500 
second-stage  juveniles  of  Meloidogyne  arenaria  race  1.  The  soil  was  collected  from 
peanut  plots  following  9 years  of  growing  bahiagrass,  rhizomal  peanut,  weed  fallow,  and 
then  4 years  of  continuous  peanut. 


Soil  source3 

Soil  treatment13 

% Gallingc 
Inoculation  density 

Number  of  eggsd 
Inoculation  density 

0 

2,500 

0 

2,500 

Weed  fallow 

Autoclaved 

Ob 

60  a 

0a 

1,150a 

Microwaved 

Ob 

55  a 

0a 

180  b 

Air-dried 

Ob 

17b 

0 a 

0 c 

Untreated 

4 a 

20  b 

0 a 

90  b 

Bahiagrass 

Autoclaved 

2a 

50  a 

0 a 

11,910a 

Microwaved 

5 a 

45  a 

0a 

260  b 

Air-dried 

Ob 

15  b 

0a 

0 c 

Untreated 

Ob 

40  a 

0 a 

120  b 

Rhizomal  peanut 

Autoclaved 

Ob 

60  a 

0 a 

6,640  a 

Microwaved 

Ob 

40  a 

0 a 

110b 

Air-dried 

Ob 

10b 

0a 

10b 

Untreated 

Ob 

15  b 

0a 

60  b 

aSoils  were  taken  from  three  treatments  (bahiagrass,  rhizomal  peanut  and  weed 
fallow),  which  were  established  in  1999  and  were  left  with  minimum  disturbance  until 
1999.  In  summer  of  1999,  bahiagrass  and  weed  fallow  were  removed  for  planting 
peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch 
layer.  Bahiagrass  and  weed  fallow  plots  were  planted  with  peanut  during  summers  of 
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Table  4-1.  Cont’d. 

1 999  to  2002,  whereas  rhizomal  peanut  plots  were  planted  during  summers  of  2000  to 
2002. 

bAutoclaved  twice  for  99  minutes  each  at  55  kPa,  microwaved  at  full  power  for  3 
minutes/kg  of  soil,  air-dried  for  2 weeks  on  a greenhouse  bench,  and  stored  in  a cool 
room  at  10  °C  for  until  it  was  used  (untreated). 

cRoot  galling  was  determined  at  harvest  based  on  a scale  of  0 to  100  (0  = no  galls 
100  = 100%  of  root  system  galled). 

dEggs  were  collected  from  galled  roots  by  dissolving  the  gelatinous  matrices  with 
0.5%  sodium  hypochlorite  and  catching  individual  eggs  on  a sieve  with  25  pm-pore 
openings. 

Data  are  means  of  five  replications.  Means  within  a column  in  the  same  soil 
source  followed  by  the  same  letter  are  not  significantly  different  according  to  Duncan’s 
multiple-range  test  (P  < 0.05). 
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Table  4-2.  Analysis  of  variance  table  for  the  effect  of  soil  sources  (soil  taken 
from  bahiagrass,  rhizomal  peanut,  and  weed  fallow  plots),  soil  treatments  (autoclaved, 
microwaved,  air-dried,  and  untreated),  and  based  on  Meloidogyne  arenaria  race  1 
inoculum  densities  of  0 and  2,500  second-stage  juveniles  or  2,500  J2  alone  on  number  of 
galls  and  nematode  reproduction  following  9 years  of  growing  bahiagrass,  rhizomal 
peanut,  weed  fallow,  and  4 years  of  continuous  peanut. 


Source  of  variation 

Number  of  galls 

Number  of  eggs 

Soil  source  (S) 

Two  inoculum  levels:  0 and  2,500  J2 

ns 

ns 

Soil  treatment  (T) 

** 

** 

Inoculation  density  (I) 

** 

** 

S xT 

* 

** 

S x I 

** 

** 

I x T 

* * 

** 

IxTxS 

** 

* * 

Soil  source  (S) 

One  inoculum  level:  2,500  J2 

ns 

** 

Soil  treatment  (T) 

** 

** 

S xT 

** 

** 

ns  = nonsignificant 
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levels  together  affected  the  number  of  galls  and  eggs  if  the  inoculum  level  of  0 nematode 
is  excluded  because  it  produces  only  negative  data.  The  effect  of  soil  sources  differed  in 
the  number  of  eggs  but  not  with  the  number  of  galls  when  only  the  inoculum  level  of 
2,500  J2  was  considered  (P  < 0.01).  There  was  a combined  effect  of  soil  sources  and 
treatment  on  the  number  of  galls  and  the  number  of  eggs  (P  < 0.01)  (Table  4-2). 
However,  no  difference  was  observed  in  the  untreated  soil. 

More  studies  have  been  conducted  on  fungal  antagonists  of  nematodes  causing 
soil  suppressiveness  than  bacterial  agents  of  nematodes  (Stirling  and  Mankau,  1978; 
1979;  Kerry,  1982;  Westphal  and  Becker,  2000).  Of  the  many  nematode  antagonists,  P. 
penetrans  has  attracted  a great  interest  over  the  past  3 decades.  (Chen  et  al.,  1997; 
Dickson,  1994;  Dickson  et  ah,  1991;  Freitas  et  ah,  2000c).  Fecundity  of  root-knot 
nematodes  may  be  reduced  up  to  94%  in  soils  where  P.  penetrans  was  applied  (Gowen  et 
ah,  1989).  Dickson  et  ah  (1991)  reported  that  a root-knot  nematode  infected  site  that  had 
a heavy,  damaging  population  density  eventually  became  highly  suppressive  by  P. 
penetrans.  A suppressive  soil  test  revealed  a suppressive  agent  that  was  believed  to  be  P. 
penetrans  in  the  air-dried  or  untreated  soil  (Dickson,  1 994).  However,  in  this  case 
formalin  was  used  as  a method  to  reduce  possible  fungal  antagonists. 

In  this  current  study,  microwaving  was  used  as  an  improved  method  for  reducing 
fungal  antagonists.  This  supported  earlier  observations  that  microwaving  is  an  effective 
method  to  reduce  possible  fungal  antagonists  (Chen  et  ah,  1995;  Ferris,  1984; 
Weibelzahl-Fulton  et  ah,  1996).  The  time  required  for  effective  treatment  with 
microwaving  varies  with  soil  moisture,  and  output  of  the  microwave  oven  (Ferris,  1984). 
In  this  study,  in  the  microwave  treatment,  numbers  of  galls  were  high  but  numbers  of  the 
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eggs  were  relatively  low.  This  indicates  that  fecundity  was  reduced  because  females 
inducing  galls  were  filled  with  spores  of  P.  penetrans.  The  fact  that  microwave  treatment 
had  a higher  incidence  of  galling  than  occurred  in  air-dried  or  untreated  soil  indicates  that 
the  number  of  endospores  in  soil  may  have  been  reduced  by  that  treatment  (Weibelzahl- 
Fulton  et  al.,  1996).  In  the  air-dried  and  untreated  soils,  except  for  the  untreated  soil  from 
bahiagrass,  there  was  a reduction  in  galling.  When  P.  penetrans  is  at  high  densities  and 
more  than  1 to  5 endospores  attach  per  J2,  mobility  is  greatly  reduced  (Davies  et  ah, 
1991).  While  for  each  treatment  of  soil  from  bahiagrass,  rhizomal  peanut,  and  weed 
fallow  there  remained  a suppressive  level  of  P.  penetrans,  soil  from  weed  fallow  retained 
a higher  density  of  P.  penetrans  than  either  bahiagrass  or  rhizomal  peanut.  This  suggests 
that  for  P.  penetrans  to  remain  at  maximum  suppressive  levels,  some  root-knot  nematode 
infection  and  egg  production  must  occur  as  might  be  provided  on  weed  hosts. 
Microwaving  the  soil  aided  in  separating  suppressiveness  caused  by  fungal  agents  and  P. 
penetrans.  Microwaving  reduced  the  fungal  antagonists  with  minor  effects  on  the  P. 
penetrans,  thereby  allowing  relatively  high  numbers  of  galls  but  reduction  in  the  number 
of  eggs.  Gowen  et  ah,  (1989)  reported  that  P.  penetrans- infected  females  are  able  to 
form  giant  cells  and  galls,  but  these  females  are  unable  to  produce  eggs  because  their 
fecundity  is  reduced  by  P.  penetrans  infection. 

We  assume  that  the  autoclaving  killed  all  agents  as  previously  reported  (Chen  et 
ah,  1995;Weibelzahl-Fulton  et  ah,  1996),  thereby  allowing  root-knot  nematodes  to  be 
infective,  whereas  air-drying  and  untreated  soils  contained  antagonists  that  were 
suppressive  to  M.  arenaria  race  1.  Data  from  the  bioassays  (Chapter  2,  Table  2-2) 
showed  that  following  9 years  of  bahiagrass,  rhizomal  peanut  and  weed  fallowing  low 
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numbers  of  P.  penetrans  endospores  were  present,  especially  in  bahiagrass  and  rhizomal 
peanut  plots.  After  4 years  of  continuous  peanut  in  the  field,  P.  penetrans  was  again 
found  to  be  at  a suppressive  level  in  the  soil  suppressive  test.  However,  there  was  no 
conclusive  evidence  that  the  same  degree  of  suppressiveness  as  that  reported  in  1994 
(Dickson  et  al.,  1994)  was  still  in  the  field  even  through  relatively  high  numbers  of 
endospores  were  present. 

With  the  complicating  factor  that  M.  javanica  was  found  to  infect  peanut  at  the 
site  in  the  early  autumn  of  2001  (Cetintas  and  Dickson,  2003;  Cetintas  et.al.,  2003;  Lima 
et  al.,  2002;  Chapter  5),  it  was  not  possible  to  separate  the  galling  induced  by  the  two 
nematodes  in  the  field.  The  level  of  infection  on  peanut  in  2002  by  M.  javanica  is  not 
known,  but  the  frequency  of  M.  javanica  among  the  root-knot  nematode  females  detected 
from  peanut  roots  taken  at  harvest  ranged  from  5%  to  29%  (Chapter  5,  Table  5-2).  It  is 
not  known  whether  this  P penetrans  isolate  attaches  to  and  infects  M.  javanica.  It  is 
possible  that  M.  arenaria  race  1 is  being  suppressed  by  P.  penetrans  at  the  Williston  site 
but,  if  not,  M.  javanica  may  be  increasing  to  a dominant  level. 

The  level  of  suppressiveness  in  these  suppressive  soil  tests  is  clearly  higher  than 
the  level  we  observed  in  the  field  (Chapter  2).  It  is  possible  that  M.  javanica  is  a 
complicating  factor  that  is  resulting  in  a high  level  of  galling  on  peanut.  These  results 
suggest  that  P.  penetrans  may  still  be  a major  factor  in  suppressing  the  population  density 
of  M arenaria  race  1,  even  though  the  peanut  yields  and  the  amount  of  galling  on  the 
roots  do  not  reflect  a highly  suppressive  soil  to  root-knot  nematodes  (Chapter  2,  Table  2- 

5). 


CHAPTER  5 

MELOIDOGYNE  JAVANICA  ON  PEANUT  IN  FLORIDA 

Introduction 

Several  species  of  root-knot  nematodes  are  pathogens  of  peanut,  Arachis 
hypogaea  L.  Worldwide,  Meloidogyne  arenaria  (Neal)  Chitwood  (peanut  root-knot 
nematode)  is  the  most  common  species  infecting  peanut  (Dickson,  1998).  It  is  found  on 
peanut  in  the  southeastern  United  States  (Ingram  and  Rodriguez-Kabana,  1980;  Powers 
and  Harris,  1993;  Sturgeon,  1986),  whereas  M.  hapla  Chitwood  (northern  root-knot 
nematode)  is  encountered  more  frequently  in  the  more  northern  peanut  production 
regions  of  the  United  States  (Dickson,  1998).  In  addition,  M.  javanica  (Treub)  Chitwood 
(Javanese  root-knot  nematode)  also  has  been  reported  to  infect  peanut  in  the  United 
States  and  as  well  as  other  parts  of  the  world.  This  nematode  was  first  reported  on  peanut 
in  Zimbabwe  (Martin,  1958).  Eleven  years  later,  Minton  et  al.  (1969)  reported  M. 
javanica  on  peanut  in  Georgia,  USA.  Later,  the  nematode  was  reported  in  Texas,  USA 
(Tomaszewski  et  al.,  1994).  Other  reports  of  M.  javanica  on  peanut  are  from  Africa 
(Ibrahim  and  El-Saedy,  1976;  Rammah  and  Hirschmann,  1990;  Tomaszewski  et  al., 

1994),  India  (Patel  et  al.,  1988;  Sakhuja  and  Sethi,  1985),  and  Brazil  (Lordello  and  Gerin, 
1981). 

In  2001,  a single  root-knot  nematode  infected  peanut  plant  collected  from  a 
commercial  production  field  in  Levy  County,  FL  was  brought  to  the  laboratory  for 
species  determination.  Biochemical  analysis  of  the  females  extracted  from  the  roots  of 
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this  plant  showed  a typical  esterase  J3  phenotype  for  M.  javanica  (Lima  et  al.,  2002).  A 
follow-up  was  made  1 week  later  when  roots  were  collected  from  volunteer  peanut  plants 
in  an  experimental  research  site  located  on  the  same  farm.  This  field  had  just  been 
harvested  and  the  only  remaining  peanut  plants  were  volunteers  in  the  borders.  These 
samples  revealed  a mixture  of  M.  javanica  and  M.  arenaria.  The  objective  of  this  study 
was  to  confirm  the  occurrence  of  M.  javanica  on  peanut  in  Florida  based  on  these 
preliminary  observations  and,  to  determine  the  ratio  of  M.  javanica  to  M.  arenaria  race  1 
on  peanut  at  the  experimental  site. 

Materials  and  Methods 

The  experimental  site  was  located  in  a production  field  on  the  Woodrow  Fugate 
farm  near  Williston,  FL,  Levy  County.  There  was  a known  infestation  of  M.  arenaria 
race  1 and  a population  of  P.  penetrans  that  was  specific  to  and  suppressive  for  the 
nematode  (Dickson  et  al.,  1994).  From  1991  to  1999,  the  site  consisted  of  three 
treatments,  bahiagrass  ( Paspalum  notatum  Flugge  cv.  Tifton  9),  rhizomal  peanut  ( Arachis 
glabrata  Benth.  cv.  Florigraze),  and  weed  fallow  plots,  each  replicated  10  times  in  a 
randomized  complete  block  design. 

In  1999,  the  bahiagrass  and  weed  fallow  plots  were  plowed  and  disked,  and  the 
rhizomal  peanut  plots  were  treated  with  glyphosate.  The  latter  was  plowed  and  disked 
along  with  all  other  plots  in  the  winter  of  2000.  In  1 999,  the  bahiagrass  and  weed  fallow 
plots  were  planted  with  peanut  ( Arachis  hypogaea  L.  cv.  Florunner).  Peanut  cv.  Southern 
Runner  was  planted  in  2001,  and  cv.  Georgia  Green  was  planted  in  200 land  2002.  Each 
plot  consisted  of  10  rows  of  peanut,  each  38  m long.  The  row  spacing  was  90  cm. 
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Meloidosyne  iavanica  on  peanut  based  on  soil  samples.  Soil  samples  were  taken 
from  each  plot  on  4 February  2002.  Twelve  cores  (2.5  cm-diam.,  20  cm-deep)  were 
taken  per  plot  in  a zig-zag  pattern  with  a cone-shaped  sampling  tube.  The  soil  from  each 
plot  was  mixed  thoroughly  and  divided  in  to  three  portions,  each  of  which  was  placed  in 
a 12-cm  diameter  clay  pot.  Either  tomato  ( Lycopersicon  esculentum  cv.  Rutgers)  or 
pepper  ( Capsicum  annuum  L.  cv.  California  Wonder)  seedlings  were  transplanted  into  30 
pots  each.  The  remaining  30  pots  were  seeded  with  peanut  ( Arachis  hypogaea  L.  cv. 
Florunner).  The  plants  were  grown  in  a greenhouse  for  1 05  days,  after  which  the  plants 
were  removed  and  the  roots  washed  and  examined  for  galling.  Thirteen  females  were 
extracted  from  each  peanut  plant,  each  from  a single  gall.  The  females  were  preserved 
individually  in  10  pi  of  an  extraction  buffer  (55%  deionized  water,  12%  0.5  M Tris-HCl, 
pH  6.8,  30%  glycerol,  2%  of  0.5%  [w/v]  bromophenol  blue)  contained  in  a cone-shaped 
micro fuge  tube  and  placed  in  a freezer  at  -5  °C. 

Meloidogyne  iavanica  on  peanut  roots  grown  in  field  site.  In  2002,  females  of  root- 
knot  nematodes  were  extracted  from  125-day-old  peanut  (cv.  Georgia  Green)  roots  taken 
from  each  plot.  Fresh  roots  were  collected  randomly  from  13  plants  in  each  plot.  One 
female  was  extracted  from  each  plant  and  stored  in  the  extraction  buffer  as  stated  above. 

Meloidogyne  iavanica  standard  control.  Females  of  a known  greenhouse  isolate  of 
M.javanica  were  extracted  from  tomato  roots  and  stored  in  a freezer  in  the  extraction 
buffer  reported  above. 

Electrophoresis,  sample  preparation,  and  loading.  A Bio-Rad  mini-PROTEIN  II 
(Bio-Rad,  Philadelphia,  PA)  electrophoresis  unit  was  used.  Before  electrophoresis,  the 
females  were  thawed  and  homogenized  individually  in  a microhaematocrite  plastic  tube 
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in  1 0-fj.l  of  extraction  buffer.  Each  sample  then  was  loaded  into  a well.  Each  gel 
contained  15  wells.  The  standard  M.  javanica  female  extract  was  placed  into  wells  1 and 
14.  The  remaining  13  wells  were  loaded  with  the  protein  extract  from  test  sample 
females.  Electrophoresis  was  carried  out  in  a discontinuous  buffer  system  with  8% 
acrylamide  running  gel,  pH  8.8  and  4%  acrylamide  stacking  gel,  pH  6.8.  The  voltage 
was  maintained  at  80  volts  for  the  first  1 5 minutes  and  increased  to  200  volts  for  the 
remainder  of  the  running  period.  Following  electrophoresis,  the  gels  were  removed  and 
placed  in  an  enzyme  reaction  mixture  to  determine  esterase  and  malate  dehydrogenase 
activity  (Harris  and  Hopkinson,  1976). 

Preparation  of  perineal  patterns.  Single  egg  mass  cultures  of  M.  arenaria  and  M. 
javanica  were  prepared  from  peanut  roots.  Confirmation  of  these  cultures  was  based  on 
isozyme  phenotypes  and  perineal  patterns.  Forty  females  each  from  these  two  cultures 
were  extracted  from  roots  of  peanut  grown  in  a greenhouse.  Perineal  patterns  were 
prepared  following  procedures  of  Hartman  and  Sasser  (1985).  Morphological 
observations  and  photographs  of  perineal  patterns  were  completed  within  12  hours 
following  slide  preparation. 

Statistical  analysis.  Data  were  subjected  to  analysis  of  variance  (ANOVA)  with  SAS 
software  (SAS  Institute,  Cary,  NC)  and  mean  treatment  differences  were  separated  and 
compared  using  Duncan’s  multiple-range  test. 

Results 

Meloidosyne  javanica  on  peanut  based  on  soil  samples.  Of  the  plants  grown  in  a 
greenhouse,  tomato  and  peanut  roots  were  heavily  galled,  but  no  galling  was  observed  on 
the  pepper  roots.  Tomato  roots  were  not  processed  further  because  tomato  is  a known 
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susceptible  host  for  the  three  most  common  root-knot  nematode  species,  M.  arenaria,  M. 
incognita,  and  M.  javanica.  Biochemical  analysis  of  the  Meloidogyne  spp.  females 
extracted  from  peanut  roots  revealed  that  5.7%  of  290  individuals  had  a typical  esterase 
pattern  for  M.  javanica  J3  phenotype  (Fig.  5-1,  A,  B).  The  remaining  individuals  showed 
a typical  esterase  pattern  for  M.  arenaria  phenotype  A2.  There  was  no  effect  of  rhizomal 
peanut  (6.2%),  bahiagrass  (5.5%),  or  weed  fallow  (5.4%)  on  the  frequency  of  M.  javanica 
(. P > 0.05)  (Fig.  5-2). 

Meloidosyne  javanica  on  peanut  roots  grown  in  the  experimental  field  site.  Of  the 
samples  collected  at  harvest  in  the  autumn  of  2002  from  roots  of  peanut  grown  in  field 
soil,  29%  of  the  290  individuals  collected  showed  a typical  esterase  pattern  for  M. 
javanica.  The  remaining  individuals  showed  a typical  esterase  pattern  for  M.  arenaria 
phenotype  A2.  The  weed  fallow  plots  supported  the  greatest  percentage  of  M.  javanica 
(41%),  whereas  rhizomal  peanut  plots  had  24%,  and  bahiagrass  plots  had  23%  (P  < 0.05) 
(Fig.  5-2).  The  M.  javanica  esterase  phenotype  was  identical  with  the  known  greenhouse 
isolate  of  M.  javanica.  They  both  had  the  typical  three-band  esterase  isozyme  phenotype. 
The  malate  dehydrogenase  phenotype  also  confirmed  the  occurrence  of  M.  javanica  on 
peanut  (Fig.  5-1,  C). 

Perineal  patterns.  The  observation  of  perineal  patterns  cut  from  single  females 
extracted  from  peanut  roots  revealed  morphological  characters  that  were  typically  for  M. 
javanica  and  M.  arenaria  (Fig.  5-3).  M.  javanica  perineal  patterns  had  a moderately  high 
dorsal  arch  and  conspicuous  lateral  lines  (Fig.  5-3,  B),  whereas  M.  arenaria  had  a low 
dorsal  arch,  irregular  striae,  and  an  absence  of  lateral  ridges  (Fig.  5-3,  A). 
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Fig.  5-1.  Esterase  (A,  B)  and  malate  dehydrogenase  (C)  (Mdh)  isozymes  resolved 
from  individual  root-knot  nematode  females  following  electrophoresis  on  a 
polyacrylamide  slab  gel.  Shown  are  the  three-  and  two-isozyme  esterase  phenotypes  of 
esterase  for  Meloidogyne  javanica  (J3)  and  Meloidogyne  arenaria  (A2),  and  the  one-  and 
three-  isozyme  phenotypes  of  Mdh  for  M.  javanica  (Nl)  and  M.  arenaria  (N3).  A. 
Females  were  extracted  from  roots  of  105-day-old  peanut  plants  grown  in  a greenhouse 
in  pots  filled  with  soil  taken  from  a peanut  field  near  Williston,  FL.  Lanes  1 and  14  = M. 
javanica,  standard  control;  lane  2-11,  13,  15  = M.  arenaria  race  1 A2  esterase  phenotype; 
lane  12  = M.  javanica  J3  esterase  phenotype.  B.  Females  were  extracted  from  peanut 
roots  taken  at  harvest  from  a field  near  Williston,  FL.  Lanes  1 and  14  = M.  javanica 
standard  control;  lanes  2,  4,  10,  11,  15  = M.  arenaria  race  1 A2  esterase  phenotype;  lanes 
3,  5-9,  12,  13  = M.  javanica  esterase  phenotypes  J3.  C.  Females  were  extracted  from 
peanut  roots  taken  at  harvest  from  a peanut  field  near  Williston,  FL.  Lanes  1,  14  = M. 
javanica  standard  control,  lanes  2,  3,  5,  6,  M.  javanica  Nl  Mdh  phenotype;  lanes  4,  7-13, 
15  = M.  arenaria  race  1 N3  Mdh  phenotype. 
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Fig.  5-2.  The  percentage  of  Meloidogyne  javanica  phenotype  J3  found  in  peanut 
as  determined  by  esterase  phenotypes.  Each  column  is  an  average  of  1 0 replications 
(based  on  total  of  1 30  females),  and  means  with  the  same  letter  within  each  trial  are  not 
significantly  different  according  to  Duncan’s  multiple-range  test  ( P < 0.05). 
Greenhouse:  Data  are  based  on  females  extracted  from  roots  of  105-day-old  peanut 
grown  in  a greenhouse  in  pots  filled  with  soil  taken  from  a peanut  field  near  Williston, 
FL.  Field:  Data  are  based  on  females  extracted  from  peanut  roots  taken  at  harvest  in 


2002. 
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Fig.  5-3.  A)  Perineal  pattern  of  Meloidogyne  javanica.  B)  Perineal  pattern  of 
Meloidogyne  arenaria.  Each  perineal  pattern  was  derived  from  a single  egg  mass  isolate 
of  the  two  nematode  species  grown  on  peanut  in  a greenhouse.  The  high  dorsal  arch  and 
lateral  lines  of  M.  javanica  and  the  deep  shoulders  and  low  dorsal  arch  of  M.  arenaria  are 


visible. 
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Discussion 

This  report  of  M.  javanica  infecting  peanut  in  Florida  confirms  our  earlier  finding 
of  M.  javanica  on  peanut  in  a commercial  peanut  field  (Lima  et  al.,  2002).  The  ratio  of 
M.  javanica  esterase  phenotype  to  the  M.  arenaria  race  1 phenotype  increased  from  5.7% 
(based  on  peanut  plants  grown  in  soil  collected  from  the  field)  in  February  2002  to  29% 
(based  on  peanut  plants  collected  at  harvest  from  the  field)  in  October  2002.  The  greatest 
increase  of  M.  javanica  occurred  in  the  weed  fallow  plots,  which  likely  resulted  from  the 
maintenance  of  the  nematode  on  weeds  over  the  1 0-year  period  of  the  experiment. 

Because  there  was  infection  by  M.  javanica  on  peanut  but  none  on  pepper  we 
conclude  that  the  population  is  race  3 (Dickson,  1998;  Rammah  and  Hirshmann,  1990). 
Despite  being  rare  in  most  parts  of  the  world  (Hartman  and  Sasser,  1985),  M.  javanica 
populations  capable  of  parasitizing  peanut  appear  to  be  mostly  distributed  in  Africa  and 
Asia  (Dickson,  1998;Tomaszewski  et  al.,  1994),  whereas  their  occurrence  on  peanut  in 
North  America  appears  to  be  relatively  infrequent  (Tomaszewski  et  al.,  1994).  As 
Minton  et  al.  (1969)  stated,  however,  both  M.  arenaria  and  M.  javanica  cause  similar 
symptoms  on  peanut.  This  may  result  in  the  false  assumption  that  all  heavily  galled 
peanut  roots,  pods,  and  pegs  are  caused  by  M.  arenaria.  A simple  analysis  of  individual 
females  by  electrophoresis  and  staining  for  esterase  and  Mdh  activity  would  make  clear 
the  presence  of  M.  javanica.  It  is  unclear  at  this  time  whether  M.  javanica  infects  peanut 
in  other  production  regions  in  Florida. 

This  is  the  third  state  in  the  United  States  in  which  M.  javanica  has  been  found 
infecting  peanut  with  the  first  and  second  states  being  Georgia  and  Texas,  respectively. 
Although  this  study  of  M.  javanica  on  peanut  was  in  an  experimental  research  field,  the 
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nematode  also  was  found  on  peanut  in  the  grower’s  production  field  ca.  5 km  from  the 
experimental  research  site  (Lima  et  al.,  2002).  The  research  site  was  originally  designed 
for  studying  the  persistence  of  P.  penetrans  on  M.  arenaria  race  1 . It  is  unclear  at  this 
time  whether  the  bacterium  also  parasitizes  M.javanica  race  3,  however  when  the  isolate 
of  P.  penetrans  that  developed  in  M.  arenaria  was  exposed  to  an  M.javanica  population 
only  a very  low  rate  of  attachment  was  attained  (Oostendorp,  1990).  Development  inside 
the  females  of  M.javanica  was  not  determined  nor  was  the  race  of  M.javanica  used  in 
this  experiment  known.  This  is  especially  interesting  in  that  if  this  population  of  P. 
penetrans  is  specific  and  suppressive  to  M.  arenaria  only  (Dickson  et  ah,  1994),  then  we 
might  speculate  that  M.javanica  will  eventually  replace  M.  arenaria  as  the  dominant 
species  on  peanut  in  this  field. 


CHAPTER  6 
SUMMARY 

Use  of  nematicides  has  created  great  controversy  because  of  associated 
environmental  problems.  Recently,  great  attention  has  been  given  to  alternative 
nematode  control  management  tactics,  such  as  cultural,  plant  resistance,  and  biological 
control  with  microbial  agents.  Pasteuria  penetrans  (Thome)  Sayre  & Starr  is  a 
promising  environmentally  friendly  biological  control  agent  for  root-knot  nematodes. 

The  persistence  and  suppressiveness  of  P.  penetrans  in  field  soil,  and  the  effects 
of  growing  root-knot  nematode  nonhost  crops  (such  as  rhizomal  peanut  and  bahiagrass) 
compared  to  weed  fallow  (including  nematode  susceptible  weeds)  were  investigated.  In  a 
4-year  study,  the  average  number  of  P.  penetrans  endospores  per  second-stage  juvenile 
(J2),  and  percentage  of  J2  with  endospores  attached  were  nearly  undetectable  in  the  field 
soil  samples  during  the  first  year  (1999)  in  the  all  plots.  However,  they  increased  over 
the  4-year  period  of  the  experiment  (1999  to  2002).  Average  number  of  endospores 
adhering  to  J2  increased  to  a high  of  5.8  in  the  weed  fallow  plots  by  the  fall  of  2001,  but 
decreased  in  the  fall  of  2002.  Weed  fallow  plots  sustained  the  highest  percentage  of  J2 
with  endospores  attached:  87%  by  the  fall  of  2000. 

In  soil-depth  studies  for  percolation  and  detection  of  P.  penetrans  endospores, 
both  laboratory  and  field  experiments  revealed  that  P.  penetrans  endospores  could  move 
down  through  soil  to  depths  of  75  cm.  When  water  was  applied  to  soil,  most  of  the 
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endospores  stayed  on  the  top  layer;  however,  but  some  were  detected  at  the  lowest  layer 
of  the  soil  (50  cm)  and  in  the  water  collected  from  the  bottom  of  tubes. 

A test  was  conducted  to  determine  suppressiveness  of  P.  penetrans  in  a peanut 
field  soil  following  9 years  of  bahiagrass,  rhizomal  peanut,  or  weed  fallow.  All  soil 
sources  (from  bahiagrass,  rhizomal  peanut,  and  weed  fallow  plots)  still  contained  a 
suppressive  level  of  P.  penetrans.  However,  weed  fallow  retained  a higher  density  of  P. 
penetrans  than  either  bahiagrass  or  rhizomal  peanut.  In  this  study,  autoclaving 
presumably  killed  all  biological  agents  (including  P.  penetrans ),  thereby  allowing  root- 
knot  nematodes  to  increase.  Air-dried  and  untreated  soils  contained  antagonists  that  were 
suppressive  to  M.  arenaria  race  1 . However,  there  was  no  conclusive  evidence  of  the 
same  degree  of  suppressiveness  as  reported  in  1994  (Dickson  et  ah,  1994). 

Biochemical  analysis  of  Meloidogyne  spp.  females  extracted  from  roots  of  peanut 
collected  from  the  experimental  research  site  in  Levy  County,  Florida,  revealed  the 
presence  of  Meloidogyne  arenaria  race  1 and  M.javanica  race  3 on  peanut.  The 
confirmation  of  M.javanica  on  peanut  was  based  on  esterase  and  malate  dehydrogenase 
isozyme  patterns  resolved  on  polyacrylamide  slab  gels  following  electrophoresis  and 
perineal  patterns.  Up  to  29%  of  290  individual  females  collected  from  peanut  roots  in  the 
field  in  the  autumn  of  2002  showed  a typical  esterase  J3  phenotype  for  M.javanica.  This 
is  the  third  report  of  M.javanica  infecting  peanut  in  the  United  States. 

During  the  4-year  of  study,  Pasteuria  penetrans  persisted  over  long  periods  of 
time  in  the  all  three  long-established  treatments  (bahiagrass,  rhizomal  peanut,  and  weed 
fallow)  plots,  but  failed  to  suppress  root  galling  on  peanut.  Maybe  the  reason  is  that  M. 
javanica  was  discovered  in  the  site  in  the  third  year  of  research.  Meloidogyne  javanica  is 
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not  known  to  be  a host  for  the  isolate  of  P.  penetrans  that  infects  M.  arenaria  race  1 . 
Thus,  M.  arenaria  race  1 may  have  been  suppressed  sufficiently  by  P.  penetrans  to 
reduce  galling  to  the  low  levels  experienced  in  1991,  and  M.  javanica  might  have  been 
present  long  enough  before  it  was  detected  in  2001  to  have  been  responsible  for  much  of 
the  root  galling. 


CR1C ONEMOIDES  SPP.  POPULATION  DENSITIES  OBSERVED  IN  THE  SOIL  SAMPLES. 
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Table  A-2.  Analysis  of  variance  for  the  individual  and  combined  effects  of  depths  (0-15,  15-30,  30-45,  45-60,  60-75  cm) 
treatments  (bahiagrass,  rhizomal  peanut,  and  weed  fallow)  and  years  on  the  number  of  Criconemoides  spp.  /1 00  cm3  of  field  soil 
collected  from  each  plot  for  four  growing  seasons  ( 1 999-2002). 
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aMain  treatments  were  established  in  1999  and  were  left  with  minimum  disturbance  until  1999.  In  summer  of  1999,  bahiagrass 
and  weed  fallow  were  removed  for  planting  peanut,  however  the  rhizomal  peanut  could  not  be  removed  because  of  heavy  thatch  layer. 
Glyphosate  herbicide  was  sprayed  over  the  rhizomal  peanut  in  the  summer  of  1991  to  kill  the  plants.  Bahiagrass  and  weed  fallow 
plots  were  planted  with  peanut  during  summers  of  1999  to  2002,  whereas  rhizomal  peanut  plots  were  planted  during  summers  of  2000 


<D 

I 

c/5 

<D 


G 

E 

J3 

O 

o 

G 

G 

IS 


o 

© 

VI 


C/5 

G 

G 

<D 


T3 

o 

4—* 

c 

OJ 

c/5 

o 

s-h 

Oh 

<D 

— 

G 

C/5 

<D 

£ 

G 

G 

15 

G 

4-* 

o 

< 


C/5 

15 

c 

G 

<D 

5- 

<D 

X) 


C/5 

<D 

4—  » 
0) 
Gj 

§ 

5- H 
I 

JD 

Oh 

3 

s 

C/5 

"g 

G 

V 

G 

G 

Q 


G) 

G 


O 

O 

o 

G 

4—* 

G 

0) 

G 

,0) 


T3 

G 

G 

O 

3 

*G 

G) 


G) 

O 


T3 

<D 


O 

G 

0) 

G 

G 

H 

<D 

W 

4— > 
0) 

0) 


<N 

O 

o 

(N 


c/5  G 
G c/3 

2 « 

4-*  _G 

a £ 

U _D 
> TD 
03  S> 

3 ? 

• Q = 

,o 


03 

<U 


112 


LIST  OF  REFERENCES 

Abrantes,  I.  M.  de  O.,  and  N.  Vovlas.  1988.  A note  on  parasitism  of  the 
phytonematodes  Meloidogyne  spp.  and  Heterodera  fici  by  Pasteuria  penetrans.  Canadian 
Journal  of  Zoology  66:2852-2854. 

Afolabi,  P.,  K.  G.  Davies,  and  P.  S.  O’Shea.  1995.  The  electrostatic  nature  of  the 
spore  of  Pasteuria  penetrans,  the  bacterial  parasite  of  root-knot  nematodes.  Journal  of 
Applied  Bacteriology  79:244-24. 

Ahmed,  R.,  and  S.  R.  Go  wen.  1991 . Studies  on  the  infection  of  Meloidogyne  spp. 
with  isolates  of  Pasteuria  penetrans.  Nematologia  Mediterranea  19:229-233. 

Ahmed,  R.,  M.  T.,  Awan,  N.  Javed,  M.  A.  Khan,  and  H.  U.  Khan.  1990  Effect  of 
some  ecological  factors  on  Pasteuria  penetrans  spore  attachment  to  Meloidogyne 
javanica.  Canadian  Journal  of  Microbiology  33:844-849. 

Anderson,  J.  M.,  J.  F.  Preston,  D.  W.  Dickson,  T.  E.  Hewlett,  N.  H.  Williams,  and  J. 

E.  Maruniak.  1 999.  Phylogenetic  analysis  of  Pasteuria  penetrans  by  16S  rRNA  gene 
cloning  and  sequencing.  Journal  ofNematology  31:319-325. 

Atibalentja,  N.,  G.  R.  Noel,  and  B.  P.  Jakstys.  1998.  Electron  microscopic 
observations  on  Pasteuria  sp.  parasitizing  Heterodera  glycines.  Pp.  25  in  Abstracts  of 
the  37th  General  Meeting  of  the  Society  of  Nematologists.  1998.  Society  of 
Nematologists.  St.  Louis,  MO.  (Abstr.). 

Atibalentja,  N.,  G.  R.  Noel,  and  L.  L.  Domier.  2000.  Phylogenetic  position  of  the 
North  American  isolate  of  Pasteuria  that  parasitizes  the  soybean  cyst  nematode, 
Heterodera  glycines,  as  inferred  from  16s  rDNA  sequence  analysis.  International  Journal 
of  Systematic  and  Evolutionary  Microbiology  50:605-613. 

Baker,  K.  F.,  and  R.  J.  Cook.  1974.  Biological  control  of  plant  pathogens.  Reprinted 
edition  1982.  American  Pathological  Society,  St.  Paul,  MN.  San  Francisco:  W.  H. 
Freeman. 

Baker,  K.  F.,  and  R.  J.  Cook.  1984.  Biological  control  of  plant  pathogens. 

Originally  printed  1974.  American  Pathological  Society,  St.  Paul,  MN.  San  Francisco: 

W.  H.  Freeman. 

Barker,  K.  R.,  G.  A.  Peterson,  and  G.  L.  Windham.  1998.  Plant  and  nematode 
interaction.  Madison.  WI:  American  Society  of  Agronomy. 


113 


Barker  K.  R.,  J.  L.  Townshed,  G.  W.  Bird,  I.  J.  Thomason,  and  Dickson.  1986. 
Determining  nematode  population  responses  to  control  agents.  Pp.  283-296  in  K.  D. 
Hickey,  ed.  Methods  for  evaluating  pesticides  for  control  of  plant  pathogens.  St.  paul, 
MN:  American  Phytopathological  Society. 

Bekal,  S.,  J.  Borneman,  M.  S.  Springer,  R.  M.  Giblin-Davis,  and  J.  O.  Becker.  2001. 
Phenotypic  and  molecular  analysis  of  a Pasteuria  strain  parasitic  to  the  sting  nematode. 
Journal  of  Nematology  33:1 10-1 15. 

Bekal,  S.,  R.  Mankau,  and  J.  O.  Becker.  2000.  Pasteuria  penetrans,  an  infective 
parasite  on  root-knot  nematodes  after  twenty-one  years  in  dry  soil.  Phytopathology 
90:1 17  (Abstr.). 

Berkley  R.  C.  W.,  and  N.  Ali  1994.  Classification  and  identification  of  endospores- 
forming  bacteria.  Pp.  1-8  in  G.  W.  Gould,  A.  D.  Russell,  and  D.  E.  S.  Stewart-Tull,  eds. 
Fundamental  and  applied  aspect  of  bacterial  spores.  Oxford:  Blackwell  Scientific. 

Bhattacharya,  D.,  and  G.  Swarup.  1988.  Pasteuria  penetrans,  a pathogen  of  the 
genus  Heterodera,  its  effect  on  nematode  biology  and  control.  Indian  Journal  of 
Nematology  18:61-70. 

Bird,  A.  F.,  and  P.  G.  Brisbane.  1988.  The  influence  of  Pasteuria  penetrans  in  field 
soils  on  the  reproduction  of  root-knot  nematodes.  Revue  de  Nematologie  1 1 :75-8 1 . 

Bird,  A.  F.,  P.  G.  Brisbane,  S.  G.  McClure,  and  R.  W.  L.  Kimber.  1990.  Studies  on 
the  properties  of  the  spores  of  some  populations  of  Pasteuria  penetrans.  Journal  of 
Invertebrate  Pathology  55:169-178. 

Bishop,  A.  H.,  and  D.  J.  Ellar.  1991.  Attempts  to  culture  Pasteuria  penetrans  in  vitro 
Biocontrol  Science  and  Technology  1:101-114. 

Brito,  J.  A.,  J.  F.  Preston,  D.  W.  Dickson,  R.  M.  Giblin-Davis,  and  H.  Aldrich.  2000. 
Immunolocalization  of  adhesin  proteins  in  Pasteuria  spp.  Journal  of  Nematology  23:21 

Brown,  S.  M.,  and  G.  C.  Smart,  Jr.  1984.  Attachment  of  Bacillus  penetrans  to 
Meloidogyne  incognita.  Nematropica  14:171-172. 

Brown,  S.  M.,  and  G.  C.  Smart,  Jr.  1985.  Root  penetration  by  Meloidogyne 
incognita  juveniles  infected  with  Bacillus  penetrans.  Journal  of  Nematology  17:123-126. 

Bull,  A.  T.,  M.  Goodfellow,  and  J.  H.  Slater.  1992.  Biodiversity  as  a source  of 
innovation  in  biotechnology.  Annual  Reviews  of  Microbiology  46:219-252. 

Cetintas,  R.,  J.  A.  Brito,  M.  L.  Mendes  and  D.  W.  2003.  Meloidogyne  javanica 
parasitic  on  peanut  in  Florida.  Journal  of  Nematology  (in  press) 


114 


Cetintas,  R.  and  D.  W.  Dickson.  2003.  Meloidogyne  javanica  on  peanut  in  Florida. 

Journal  of  Nematology  (Abstr.)(in  press). 

Channer,  A.  G.,  and  S.  R.  Gowen.  1988.  Preliminary  studies  on  the  potential  of 
Pasteuria  penetrans  to  control  Meloidogyne  species.  Proceedings  of  Brighton  Crop 
Protection  Conference,  Pests  and  Diseases.  Brighton,  Surrey,  England:  The  British  Crop 
Protection  Council. 

Chamecki,  J.  H.  1997.  Pasteuria  penetrans  spore  proteins:  Potential  function  in 
attachment  to  Meloidogyne  spp.  M.  S.  thesis,  University  of  Florida,  Gainesville. 

Chen,  Z.  X.  and  D.  W.  Dickson.  1998.  Review  of  Pasteuria  penetrans : Biology, 
ecology,  and  biological  control  potential.  Journal  of  Nematology  30:313-340. 

Chen,  S.,  D.  W.  Dickson,  and  D.  J.  Mitchell.  1995.  Effects  of  soil  treatments  on  the 
survival  of  soil  microorganisms.  Journal  of  Nematology  27:661-663. 

Chen,  S.,  D.  W.  Dickson,  and  E.  B.  Whitty.  1994.  Response  of  Meloidogyne  spp.  to 
Pasteuria  penetrans , fungi,  and  cultural  practices  in  tobacco.  Supplement  to  the  Journal 
of  Nematology  26:620-625. 

Chen,  Z.  X.,  D.  W.  Dickson,  L.  G.  Freitas,  and  J.  F.  Preston.  1997.  Ultrastructure, 
morphology,  and  sporogenesis  of  Pasteuria  penetrans.  Phytopathology  87:273-283. 

Chen,  Z.  X.,  D.  W.  Dickson,  R.  McSorley,  D.  J.  Mitchell,  and  T.  E.  Hewlett.  1996. 
Suppression  of  Meloidogyne  arenaria  racel  by  soil  application  of  endospores  of 
Pasteuria  penetrans.  Journal  of  Nematology  28:159-168. 

Chitwood,  B.  G.  1949.  Root-knot  nematodes.  I.  A revision  of  the  genus 
Meloidogyne  Goeldi,  1887.  Proceedings  of  the  Helminthological  Society  of  Washington 
16:90-104. 

Christie,  J.  R.  1946.  Host  -parasite  relationships  of  root-knot  nematodes,  Heterodera 
marioni.  II.  Some  effects  of  the  host  on  the  parasite.  Phytopathology  36:  340-352. 

Christie,  J.  R.  and  F.  E.  Albin.  1944.  Host-parasite  relationships  of  the  root-knot 
nematode  Heterodera  marioni.  I.  The  question  of  races.  Proceedings  of  the 
Helminthological  Society  of  Washington  1 1 :3 1 -37. 

Ciancio,  A.,  R.  Bonsignore,  N.  Vovlas,  and  F.  Lamberti.  1994.  Host  records  and 
spore  morphometries  of  Pasteuria  penetrans  group  parasites  of  nematodes.  Journal  of 
Invertebrate  Pathology  63:260-267. 


115 


Ciancio,  A.,  R.  Mankau,  and  M.  Mundo  Ocampo.  1992.  Parasitism  of 
Helicotylenchus  lobus  by  Pasteuria penetrans  in  naturally  infested  soil.  Journal  of 
Nematology  24:29-35. 

Cobb,  N.  A.  1906.  Fungus  maladies  of  sugar  cane,  with  notes  on  associated  insects 
and  nematodes,  2nd  ed.  Hawaiian  Sugar  Planters’  Association  Bulletin  No.  5.  Honolulu, 
Hawaii:  Hawaiian  Sugar  Planters’  Association. 

Daudi,  A.  T.,  A.  G.  Channer,  R.  Ahmed,  and  S.  R.  Gowen.  1990.  Pasteuria 
penetrans  as  a biocontrol  agent  of  Meloidogyne  javanica  in  the  field  in  Malawi  and  in 
microplots  in  Pakistan.  Proceedings  of  Brighton  Crop  Protection  Conference,  Pests  and 
Diseases.  Brighton,  Surrey,  England:  The  British  Crop  Protection  Council. 

Davies,  K.  G.  1994.  In  vitro  recognition  of  a 190  kDa  putative  attachment  receptor 
from  the  cuticle  of  Meloidogyne  javanica  by  Pasteuria  penetrans  spore  extract. 
Biocontrol  Science  and  Technology  4:367-374. 

Davies,  K.  G.,  B.  R.  Kerry,  and  C.  A.  Flynn.  1988.  Observations  on  the 
pathogenicity  of  Pasteuria  penetrans,  a parasite  of  root-knot  nematodes.  Annals  of 
Applied  Biology  112:491-501. 

Davies,  K.  G.,  C.  A.  Flynn,  V.  Laird,  and  B.  R.  Kerry.  1990.  The  life-cycle, 
population  dynamics  and  host  specificity  of  a parasite  of  Heterodera  avenae,  similar  to 
Pasteuria  penetrans.  Revue  de  Nematologie  13:303-309. 

Davies,  K.  G.,  M.  P.  Robinson,  and  V.  Laird.  1992.  Proteins  involved  in  the 
attachment  of  a hyperparasite,  Pasteuria  penetrans,  to  its  plant-parasitic  nematode  host, 
Meloidogyne  incognita.  Journal  of  Invertebrate  Pathology  59:18-23. 

Davies,  K.  G.,  M.  Redden,  and  T.  K.  Pearson.  1994.  Endospore  heterogeneity  in 
Pasteuria  penetrans  related  to  adhesion  to  plant-parasitic  nematodes.  Letters  in  Applied 
Microbiology  19:370-373. 

Davies,  K.  G.,  V.  Laird,  and  B.  R.  Kerry.  1991.  The  motility,  development  and 
infection  of  Meloidogyne  incognita  encumbered  with  spores  of  the  obligate  hyperparasite 
Pasteuria  penetrans.  Revue  de  Nematologie  14:611-618. 

Dickson,  D.  W.,  D.  Huisingh,  and  J.  N.  Sasser.  1971.  Dehydrogenases,  acid  and 
alkaline  phosphatases  and  esterases  for  chemotaxonomy  of  selected  Meloidogyne, 
Ditylenchus  Heterodera,  and  Aphelenchus  spp.  Journal  of  Nematology  3:1-16. 

Dickson,  D.  W.  1998.  Peanut.  Pp.  523-566  in  K.  R.  Barker,  G.  A.  Peterson,  and  G. 

L.  Windham,  eds.  Plant  and  nematode  interaction.  Madison,  WI:  American  Society  of 
Agronomy. 


116 


Dickson,  D.  W.,  and  T.  E.  Hewlett.  1988.  Horizontal  and  vertical  migration  of 
Meloidogyne  arenaria  in  soil  columns  in  the  field.  Nematropica  18:4-5  (Abstr.). 

Dickson,  D.  W.,  D.  J.  Mitchell,  T.  E.  Hewlett,  M.  Oostendorp,  and  M.  E.  Kanwischer- 
Mitchell.  1991.  Nematode  suppressive  soil  from  a peanut  field.  Journal  of  Nematology 
23:526  (Abstr.). 

Dickson,  D.  W.,  M.  Oostendorp,  R.  M.  Giblin-Davis,  and  D.  J.  Mitchell.  1994. 
Control  of  plant-parasitic  nematodes  by  biological  antagonists.  Pp.  575-601  in  D.  Rosen, 
F.  D.  Bennett,  and  J.  L.  Capinera,  eds.  Pest  management  in  the  subtropics,  biological 
control-A  Florida  perspective,  Andover,  Hampshire,  UK:  Intercept. 

Dropkin,  V.  H.  1954.  Infectivity  and  gall  size  in  tomato  and  cucumber  seedlings 
infected  with  Meloidogyne  incognita  var.  acrita  (root-knot  nematode).  Phytopathology 
44:43-49. 

Dutky,  E.  M.,  and  R.  M.  Sayre.  1978.  Some  factors  affecting  infection  of  nematodes 
by  the  bacterial  spore  parasite  Bacillus  penetrans.  Journal  of  Nematology  10:285 
(Abstr.). 

Ebert,  D.,  P.  Rainey,  T.  M.  Embley,  and  D.  Scholtz  1996.  Development,  life  cycle, 
ultrastructure,  and  phylogenetic  position  of  Pasteuria  ramosa  Metchnikoff  1888: 
Rediscovery  of  an  endoparasite  of  Daphnia  magna  Straus.  Philosophical  Transactions  of 
the  Royal  Society  ofLondon  Series  B-Biological  Sciences  351:  1689-1701. 

Eisenback,  J.  D.  1985.  Diagnostic  characters  useful  in  the  identification  of  the  four 
most  common  species  of  root-knot  nematodes  f Meloidogyne  spp.).  Pp.  95-112  in  J.  N. 
Sasser  and  C.  C.  Carter,  eds.  An  advanced  treatise  on  Meloidogyne,  vol.  1 . Biology  and 
control.  Raleigh:  North  Carolina  State  University. 

Eisenback,  J.  D.,  and  H.  H.  Triantaphyllou.  1991 . Root-knot  nematodes: 

Meloidogyne  species  and  races.  Pp.  191-274  in  W.  R.  Nickle,  ed.  Manual  of 
Agricultural  Nematology:  Marcel  Decker.  New  York. 

Esbenshade,  P.  R.,  and  A.  C.  Triantaphyllou.  1985.  Use  of  enzyme  phenotypes  for 
identification  of  Meloidogyne  species  (Nematoda:  Tylenchida).  Journal  of  Nematology 
17:6-20. 


Esbenshade,  P.  R.,  and  A.  C.,  Triantaphyllou.  1990.  Isozyme  phenotypes  for  the 
identification  of  Meloidogyne  species.  Journal  of  Nematology  22:10-15. 

Ferriss,  R.  S.  1984.  Effect  of  microwave  oven  treatment  on  microorganisms  in  soil. 
Phytopathology  74:121-126. 


117 


Freitas,  L.  G.,  D.  J.  Mitchell,  and  D.  W.  Dickson.  1997.  Temperature  effects  on  the 
attachment  of  Pasteuria  penetrans  endospores  to  Meloidogyne  arenaria  race  1 . Journal 
of  Nematology  29:547-555. 

Freitas,  L.  G.,  D.  J.  Mitchell,  D.  W.  Dickson,  and  D.  O.  Chellemi.  2000a.  Soil 
solarization  and  organic  amendment  effects  on  Pasteuria  penetrans.  Nematologia 
Brasileira  24:143-146. 

Freitas,  L.  G.,  D.  W.  Dickson,  D.  J.  Mitchell,  and  T.  E.  Hewlett.  2000b.  Infectivity 
and  suppression  of  Pasteuria  penetrans  to  Meloidogyne  arenaria  race  1 in  tomato 
following  soil  fumigation.  Nematologia  Brasileira  24:157-166. 

Freitas,  L.  G.,  D.  W.  Dickson,  D.  J.  Mitchell,  and  R.  McSorley.  2000c  Suppression 
of  Meloidogyne  arenaria  by  Pasteuria  penetrans  in  the  field.  Nematologia  Brasileira 
24:147-156. 

Freitas,  L.,  D.  W.  Dickson,  D.  J.  Mitchell,  G.  L.  Obenauf,  and  A.  Williams.  1999. 
Methy  bromide  an  chloropicrin  effects  on  Pasteuria  penetrans.  Annual  International 
Research  conference  on  Methyl  Bromide  Alternatives  and  Emissions  Reductions.  San 
Diego.  California.  Chapter  24:5. 

Gerhardt,  P.,  and  R.  E.  Marquis.  1989.  Spore  thermoresistance  mechanisms.  Pp.  43- 
63  in  I.  Smith.  R.  Slepecky,  and  P.  Setlow,  eds.  Regulation  of  prokaryotic  development. 
Washington,  DC:  American  Society  for  Microbiology. 

Giannakou,  I.  O.,  B.  Pembroke,  S.  R.  Gowen,  and  S.  Douloumpaka.  1999.  Effect  of 
fluctuating  temperatures  and  different  host  plants  on  development  of  Pasteuria  penetrans 
in  Meloidogyne  javanica.  Journal  of  Nematology  31:31 2-3 18. 

Giblin-Davis,  R.  M.,  D.  S.  Williams,  S.  Bekal,  D.  W.  Dickson,  J.  A.  Brito,  J.  O. 
Becker,  and  J.  F.  Preston.  2003.  ‘ Candidatus  Pasteuria  usgae’  sp.  nov.,  an  obligate 
endoparasite  of  the  phytoparasitic  nematode,  Belonolaimus  longicaudatus.  International 
Journal  of  Systematic  and  Evolutionary  Microbiology  53:197-200. 

Giblin-Davis,  R.  M.  1990.  Potential  for  biological  control  of  phytoparasitic 
nematodes  in  bermudagrass  turf  with  isolates  of  the  Pasteuria  penetrans  group. 
Proceedings  of  the  Florida  State  Horticulture  Society  103:349-351. 

Giblin-Davis,  R.  M.,  D.  Williams,  T.  E.  Hewlett,  and  D.  W.  Dickson.  1995. 
Development  and  host  attachment  studies  using  Pasteuria  from  Belonolaimus 
longicaudatus  from  Florida.  Journal  of  Nematology  27:500  (Abstr.). 

Gogoi,  B.  B.,  J.  S.  Gill,  and  S.  C.  Dhawan.  2001.  Effect  of  storage  temperatures  and 
periods  on  the  viability  of  Pasteuria  penetrans.  Annals  of  Plant  Protection  Sciences 
9:159-160. 


Gowen,  S.  R.,  A.  C.  Charmer,  and  N.  G.  M.  Hague.  1989.  The  control  of  root-knot 
nematodes  with  Pasteuria penetrans.  Journal  of  Nematology  21 :563.  (Abstr.). 

Han,  S.-C.,  T.  E.  Hewlett,  and  D.  W.  Dickson.  1999.  Pasteuria  sp.  parasitizing 
Criconemella  sp.  in  Florida.  Journal  of  Nematology  31:539.  (Abstr.). 

Harris,  H.,  and  D.  A.  Hopkinson.  1976.  Handbook  of  enzyme  electrophoresis  in 
human  genetics.  New  York:  North-Holland  Publications. 

Hartman,  K.  M.,  and  J.  N.  Sasser.  1985.  Identification  of  Meloidogyne  species  on 
the  basis  of  differential  host  test  and  perineal  pattern  morphology.  Pp.  69-77  in  K.  R. 
Barker,  C.  C.  Carter,  and  J.  N.  Sasser,  eds.  An  advanced  treatise  on  Meloidogyne.  vol  II. 
Methodology.  Raleigh,  NC:  North  Carolina  States  Graphics. 

Hatz,  B.,  and  D.  W.  Dickson.  1992.  Effect  of  temperature  on  attachment, 
development,  and  interactions  of  Pasteuria  penetrans  on  Meloidogyne  arenaria.  Journal 
of  Nematology  26:616-619. 

Hewlett,  T.  E.,  R.  J.  Cox,  D.  W.  Dickson,  and  R.  A.  Dunn.  1994.  Occurrence  of 
Pasteuria  spp.  in  Florida.  Journal  of  Nematology  26:616-619. 

Himmelhoch,  S.,  M.  J.  Kisiel,  and  B.  M.  Zuckerman.  1977.  Caenorhabditis 
briggsae:  Electron  microscope  analysis  of  changes  in  negative  charge  density  of  the  outer 
cuticle  membrane.  Experimental  Parasitology  41:118-1 23. 

Hirshmann,  H.  1985.  The  Meloidogyne  and  morphological  charecters  differentiating 
its  species.  Pp  79-94  in  J.  N.  Sasser  and  C.  C.  Carter,  eds.  An  advenced  treatise  on 
Melidogyne.  Vol.  1 : Biology  and  control.  Raleigh:  North  Carolina  State  university 
Graphics. 

Holbrook,  C.  C.,  and  J.  P.  Noe.  1990.  Resistance  to  Meloidogyne  arenaria  in  Arachis 
spp.  and  the  implication  on  development  of  resistance  peanut  cultivars.  Peanut  Science 
17:35-38 

Huber,  D.  M.,  and  R.  W.  Schneider.  1982.  The  description  and  occurrence  of 
suppressive  soils.  Pp.  1-7  in  R.  W.  Schneider,  ed.  Suppressive  soil  and  plant  disease.  St. 
Paul,  MN:  The  American  Phytopathological  Society. 

Hussey,  R.  S.  1979.  Biochemical  systematics  of  nematodes:  A review. 
Helminthology  Abstract  (Series  B)  48:  141-148. 

Hussey,  R.  S.,  and  K.  R.  Barker.  1973.  A comparison  of  methods  of  collecting 
inocula  of  Meloidogyne  spp.,  including  a new  technique.  Plant  Disease  Reporter  57: 
1025-1028. 


119 


Hussey,  R.  S.,  J.  N.  Sasser,  and  D.  Huisingh.  1972.  Disc-elctrophoretic  studies  of 
soluble  proteins  and  enzymes  of  Meloidogyne  incognita  and  M.  arenaria.  Journal  of 
Nematology  4:183-189 

Ibrahim,  I.  K.  A.,  and  M.  A.  El-Saedy.  1976.  Development  and  pathogenesis  of 
Meloidogyne  javanica  in  peanut  roots.  Nematologia  Mediterranea  4:231-234. 

Ingram,  E.  G.,  and  R.  Rodriguez-Kabana.  1980.  Nematode  parasitic  on  peanut  in 
Alabama  and  evaluation  of  nematodes  for  detection  and  study  of  population  dynamics. 
Nematropica  10:21-30. 

Jenkins,  W.  R.  1964.  A rapid  centrifugal-flotation  technique  for  separating 
nematodes  from  soil.  Plant  Disease  Reporter  48:692. 

Jepson,  S.  B.  1987.  Identification  of  root-knot  nematodes  (Meloidogyne  species). 
Wallingford,  Oxon,  UK:  CAB  International. 

Kamra  A.,  S.,  C.  Dhawan,  and  A.  Kamra.  1998.  Observation  on  host  range,  vertical 
movement  and  soil  pH  on  spores  of  Pasteuria  penetrans  infecting  Heterodera  cajani. 
Indian  Journal  of  Nematology  28:192-202. 

Karssen,  G.  2002.  The  plant-parasitic  nematode  genus  Meloidogyne  Goldi,  1 892 
(Tylenchida)  in  Europe.  Leiden,  The  Netherlands:  Koninklijke  Brill  NV. 

Kerry,  B.  R.  1982.  The  decline  of  Heterodera  avenae  populations.  European  Plant 
Protection  Organization  Bulletin.  12:491-496. 

Kerry,  B.  R.  1987.  Biological  control.  Pp.  233-263  in  R.  H.  Brown  and  B.  R.  Kerry, 
eds.  Principles  and  practices  of  nematode  control  in  crops.  New  York:  Academic  Press. 

Kinloch  R.  A.,  and  D.  W.  Dickson.  1991.  Comparison  of  winter  and  spring  soil 
fumigation  with  1,3-D  for  the  management  of  Meloidogyne  arenaria  on  peanut.  Journal 
of  Nematology  23:682-685. 

Kinloch,  R.  A.  2001.  Peanut  nematode  management.  University  of  Florida 
Cooperative  Extension  Service.  Institute  of  Food  and  Agricultural  Sciences.  Gainesville. 
04/04/2003.  <<http://edis.ifas.ufl.edu/NG016>>. 

Lima  R.  D.,  M.  L.  Mendes,  J.  A.  Brito,  R.  Cetintas,  and  D.  W.  Dickson.  2002.  The 
occurrence  of  Meloidogyne  javanica  on  peanut  in  Florida.  American  Peanut  Research 
and  Education  Society  Proceedings  34:  103  (Abstr.). 

Lordello,  A.  I.  L.,  and  M.  Gerin.  1981 . Nematoide  javanes  parasitando  raizes  e 
nodules  de  amendoim.  Revista  de  Agricultura  de  Piracicaba  56:288. 


120 


Mani,  A.  1988.  Studies  on  the  bacterial  parasite,  Pasteuria penetrans : I.  Spore 
viability  after  storage.  II.  Culture  on  citrus  nematode  Tylenchulus  semipenetrans. 
International  Nematology  Network  Newsletter  5:24-25. 

Mankau,  R.  1975.  Bacillius  penetrans  n.  comb,  causing  a virulent  disease  of  plant- 
parasitic  nematodes.  Journal  of  Invertebrates  Pathology  26:333-339. 

Mankau,  R.  and  J.  L.  Imbriani.  1975.  The  life  cycle  of  an  endosparasite  in  some 
tylenchid  nematodes.  Nmatologica  21 :89-94. 

Mankau,  R.  1980.  Biological  control  of  Meloidogyne  populations  by  Bacillus 
penetrans  in  West  Africa.  Journal  of  Nematology  12:230. 

Mankau,  R.,  and  N.  Prasad.  1 977 . Infectivity  of  Bacillus  penetrans  in  plant-parasitic 
nematodes.  Journal  of  Nematology  9:40-45. 

Mankau,  R.,  J.  L.  Imbriani,  and  A.  H.  Bell.  1976.  SEM  observations  on  nematode 
cuticle  penetration  by  Bacillus  penetrans.  Journal  of  Nematology  8:179-181. 

Martin,  G.  C.  1958.  Root-knot  nematodes  ( Meloidogyne  spp.)  in  the  Federation  of 
Rhodesia  and  Nyasaland.  Nematologica  3:332-349. 

Mateille,  T.,  D.  L.  Trudgill,  C.  Trvino,  G.  Bala,  A.  Sawadogo,  and  E.  Vouyoukalou. 
2002.  Multi-survey  of  soil  interactions  with  infestation  of  root-knot  nematodes 
( Meloidogyne  spp.)  by  Pasteuria  penetrans.  Soil  Biology  & Biochemistry  34:1417-1424. 

McSorley,  R.,  D.  W.  Dickson,  and  J.  A.  Brito.  1994.  Host  status  of  selected  tropical 
rotation  crops  to  four  populations  of  root-knot  nematodes.  Nematropica  24:45-53. 

McSorley,  R.,  D.  W.  Dickson,  E.  M.  Candanedo-Lay,  T.  E.  Hewlett,  and  J.  J. 
Frederick.  1992.  Damage  functions  for  Meloidogyne  arenaria  on  peanut.  Journal  of 
Nematology  24:193-198. 

McSorley,  R.  and  J.  J.  Frederick.  2002.  Effect  of  subsurface  clay  on  nematode 
communities  in  a sandy  soil.  Applied  Soil  Ecology  19:1-1 1. 

Metchnikoff,  E.  1 888.  Pasteuria  ramose , un  representant  des  bacteries  a division 
longitudinale.  Annales  de  I’lnstitut  Pasteur  2:165-170. 

Minton,  N.  A.  1984.  Nematode  parasite  of  peanuts.  Pp.  373-394  in  W.  R.  Nickel, 
ed.  Plant  and  insect  nematodes  New  York:  Marcel  Dekker. 

Minton,  N.  A.,  and  P.  Baujard.  1990.  Nematode  parasites  of  peanut.  Pp.  285-320  in 
M.  Luc,  R.  A.  Sikora,  and  J.  Bridge,  eds.  Plant-parasitic  nematodes  in  subtropical  and 
tropical  agriculture.  Wallingford,  Oxon,  UK:  CAB  International. 


121 


Minton,  N.  A.,  and  R.  M.  Sayre.  1989.  Suppressive  influence  of  Pasteuria  penetrans 
in  Georgia  soil  on  reproduction  on  Meloidogyne  arenaria.  Journal  of  Nematology 
21:574-575  (Abstr.). 

Minton,  N.  A.,  J.  F.  McGill,  and  A.  M.  Golden.  1969.  Meloidogyne  javanica  attacks 
peanut  in  Georgia.  Plant  Disease  Reporter  53:668. 

Mohan,  S.,  S.  Fould,  and  K.  G.  Davies.  2001.  The  interaction  between  the  gelatin- 
binding domain  of  fibronectin  and  the  attachment  of  Pasteuria  penetrans  endospores  to 
nematode  cuticle.  Parasitology  123:271-276. 

Nelson,  S.  C.,  C.  E.  Simpson,  and  J.  L.  Starr.  1989.  Resistance  to  Meloidogyne 
arenaria  in  Arachis  sp.  germplasm.  Supplement  to  the  Journal  of  Nematology  21 :654- 
660. 

Netscher,  C.,  and  R.  A.  Sikora.  1990.  Nematode  parasites  of  vegetables.  Pp.  237- 
258  in  M.  Luc,  R.  A.  Sikora,  and  J.  Bridge,  eds.  Plant-parasitic  nematodes  in  subtropical 
and  tropical  agriculture.  Wallingford,  Oxon,  UK:  CAB  International. 

Nilsson,  M.,  and  I.  Renberg.  1990.  Viable  endospores  of  Thermoactinomyces 
vulgaris  in  lake  sediments  as  indicators  of  agricultural  history.  Applied  and 
Environmental  Microbiology  56:2025-2028. 

Nishizawa,  T.  1987.  A decline  phenomenon  in  a population  of  upland  cyst 
nematode,  Heterodera  elachista,  caused  by  bacterial  parasite,  Pasteuria  penetrans. 
Journal  of  Nematology  19:546  (Abstr.). 

Nishizawa,  T.  1989.  Comparison  of  heat  resistance  and  nematicide  resistance  of 
endospores  of  Pasteuria  penetrans  from  Meloidogyne  incognita  with  a related  bacterium 
parasitizing  Heterodera  glycines.  Journal  of  Nematology  21 :576-577  (Abstr.). 

Noel,  G.  R.,  and  B.  A.  Stanger.  1994.  First  report  of  Pasteuria  sp.  attacking 
Heterodera  glycines  in  North  America.  Journal  of  Nematology  26:612-615. 

O’Brian,  P.  C.  1 980.  Studies  on  the  parasitism  of  Meloidogyne  javanica  by  Bacillus 
penetrans.  Journal  of  Nematology  12:234.  (Abstr.). 

Oostendorp,  M.  D.,  T.  E.  Hewlett,  D.  W.  Dickson,  and  D.  J.  Mitchell.  1991.  Specific 
gravity  of  spores  of  Pasteuria  penetrans  and  extraction  of  spore-filled  nematodes  from 
soil.  Journal  of  Nematology  23:729-732. 

Oostendorp,  M.,  D.  W.  Dickson,  and  D.  J.  Mitchell.  1990.  Host  range  and  ecology 
of  isolates  of  Pasteuria  spp.  from  the  southeastern  United  States.  Journal  of  Nematology 
22:525-531. 


122 


Page,  S.  L.  J.,  and  J.  Bridge.  1985.  Observations  on  Pasteuria penetrans  as  a 
parasite  of  Meloidogyne  acronea.  Nematologica  3 1 :238-240. 

Pan,  C.,  J.  Lin,  Z.  Ni,  and  S.  Wang.  1993.  Study  on  the  pathogenic  bacteria 
parasitizing  root-knot  nematodes  discovered  in  China  and  their  application  to  biological 
control.  Acta  Microbiologica  Sinica  33:313-316. 

Patel,  D.  J.,  B.  A.  Patel,  J.  C.  Chavda,  and  H.  V.  Patel.  1988.  Record  of  Meloidogyne 
javanica  on  groundnut  in  Gujarat,  India.  International  Arachis  Newsletter  3:16-17. 

Porter,  D.  M,  D.  H.  Smith,  and  R.  Rodriguez-Kabana.  1984.  Compendium  of  peanut 
disease.  St.  Paul,  MN:  The  American  Phytopathological  Society. 

Powers,  T.  O.,  and  T.  S.  Harris.  1993  A polymerase  4 chain  reaction  method  for 
identification  of  five  major  Meloidogyne  species.  Journal  of  Nematology  25:1-6. 

Prine,  G.  M.  1978.  Florigraze  perennial  peanut  {Arachis  glabrata  Benth.  cv. 
Florigraze)  new  forage  legume  for  tropics  and  subtropics.  Agronomy  103  (Abstr.). 

Rammah  A.,  and  H.  Hirschmann.  1990.  Morphological  comparison  of  three  host 
races  of  Meloidogyne  javanica.  Journal  of  Nematology.  22:56-68. 

Reise,  R.  W.,  K.  J.  Hackett,  R.  M.  Sayre,  and  R.  N.  Huettel.  1988.  Factors  affecting 
cultivation  of  three  isolates  of  Pasteuria  spp.  Journal  of  Nematology  20:657  (Abstr.). 

Rodriguez-Kabana,  R.,  D.  G.  Robertson,  L.  Wells,  and  R.  W.  Young.  1988.  Hairy 
indigo  for  the  management  of  Meloidogyne  arenaria  in  peanut.  Nematropica  18:  137- 
142. 

Rodriguez-Kabana,  R.,  and  M.  H.  Pope.  1981 . A simple  incubation  method  for  the 
extraction  of  nematodes  from  soil.  Nematropica  1 1 : 175-1 86. 

Sakhuja,  P.  K,  and  C.  L.  Sethi.  1985.  Frequency  of  occurrence  of  various  plant- 
parasitic  nematodes  and  root-rot  fungi  on  groundnut  in  Punjab.  Indian  Journal  of 
Nematology  15:191-194. 

Sasser  J.  N.,  and  C.  C.  Carter.  1982.  Root-knot  nematodes  {Meloidogyne  sp.): 
Identification,  morphological  and  physiological  variation,  host  range,  ecology  and 
control.  Pp.  21-32  in  R.  D.  Riggs,  ed.  Nematology  in  the  southern  region  of  the  United 
States.  Bulletin  276.  Arkansas  Agricultural  Experimental  Station,  Fayetteville. 

Sasser,  J.  N.  1972.  Physiological  variation  in  the  genus  Meloidogyne  as  determined 
by  differential  hosts.  OEPP/EPPO  Bulletin  Number  6:41-48. 

Sayre,  R.  M.  1993.  Pasteuria,  Metchnikoff,  1888.  Pp.  101-1 1 1 in  A.  L.  Sonenshein, 
J.  A.  Hoch,  and  R.  Losick,  eds.  Bacillus  subtilis  and  other  gram-positive  bacteria: 


123 


biochemistry,  physiology,  and  molecular  genetics.  Washington,  DC:  American  Society 
for  Microbiology. 

Sayre,  R.  M.,  and  M.  P.  Starr.  1985.  Pasteuria penetrans  (ex  Thome,  1940)  nom. 
rev.,  comb  n.,  sp.  n.,  a mycelial  and  endospore-forming  bacterium  parasitic  in  plant- 
parasitic  nematodes.  Proceedings  of  the  Helminthological  Society  of  Washington 
52:149-165. 

Sayre,  R.  M.,  and  M.  P.  Starr.  1988.  Bacterial  diseases  and  antagonisms  of 
nematodes.  Pp.  69-101  in  G.  O.  Poinar,  Jr.  and  H.  B.  Jansson,  eds.  Diseases  of 
nematodes.  Boca  Raton,  FL:  CRC  Press. 

Sayre,  R.  M.,  and  M.  P.  Starr.  1989.  Genus  Pasteuria  Metchnikoff,  1888.  Pp.  2601- 
2615  in  S.  T.  Williams,  M.  E.  Sharpe,  and  J.  G.  Holt,  eds.  Bergey’s  manual  of  systematic 
bacteriology.  Baltimore,  MD:  Williams  and  Wilkins. 

Sayre,  R.  M.,  and  W.  P.  Wergin.  1977.  Bacterial  parasite  of  a plant  nematode: 
Morphology  and  ultrastructure.  Journal  of  Bacteriology  129:1091-1 101. 

Sayre,  R.  M.,  R.  L.  Gherna,  and  W.  P.  Wergin.  1983.  Morphological  and  taxonomic 
reevaluation  of  Pasteuria  ramosa  Metchnikoff  1 888  and  “ Bacillus  penetrans ” Mankau 
1975.  International  Journal  of  Systematic  Bacteriology  33:639-649. 

Sayre,  R.  M.,  W.  P.  Wergin,  J.  M.  Schmith,  and  M.  P.  Starr.  1991.  Pasteuria 
nishizaM’ae  sp.  Now.  A mycelial  and  endospore-forming  bacterium  parasitic  on  cyst 
nematodes  of  genetra  Heterodera  and  Globodera.  Research  in  Microbiology  142:551- 
564. 

Serracin,  M.,  A.  C.  Schuerger,  D.  W.  Dickson,  and  D.  P.  Weingartner.  1997  . 
Temperature-dependent  development  of  Pasteuria  penetrans  in  Meloidogyne  arenaria. 
Journal  of  Nematology  29:228-238. 

Setlow,  P.  1994.  Mechanisms  which  contribute  to  the  long-term  survival  of  spores 
of  Bacillus  species.  Pp.  49-60  in  G.  W.  Gould,  A.  D.  Russell,  and  D.  E.  S.  Stewart-Tull, 
eds.  Fundamental  and  applied  aspects  of  bacterial  spores.  Oxford,  UK:  Blackwell 
Scientific. 

Sharma,  S.  B.,  and  K.  G.  Davies.  1996.  Characterization  of  Pasteuria  isolated  from 
Heterodera  cajani  using  morphology,  pathology,  and  serology  of  endospores.  Systematic 
and  Applied  Microbiology  19:106-112. 

Shew,  B.  B.,  H.  T.  Stalker,  and  M.  K.  Beute.  1993.  Microplot  evaluation  of 
resistance  to  Meloidogyne  arenaria  in  Arachis  hypogaea,  A.  cardenasii,  A.  chacoensis, 
and  genotypes  derived  from  a cross  of  A.  hypogaea  x A.  cardenassii.  Proceedings  of  the 
American  Peanut  and  Education  Society  25:62. 


124 


Simpson,  C.  E.,  and  J.  L.  Starr.  2001  Registration  of ‘COAN’  peanut.  Crop  Science 
41:918. 

Simpson,  C.  E.,  J.  L.  Starr,  G.  T.  Church,  M.  D.  Burow,  and  A.  H.  Paterson.  2003. 
Registration  of ‘NemaTAM’  peanut.  Crop  Science  43:1561. 

Singh,  B.,  and  S.  C.  Dhawan.  1990.  A new  bacterial  strain  of  Pasteuria penetrans, 
its  host  range  and  effect  of  temperature  on  spore  attachment  to  second-stage  juveniles  of 
pigeon-pea  cyst  nematode,  Heterodera  cajani.  Indian  Journal  ofNematology  20:161- 
166. 

Singh,  B.,  and  S.  C.  Dhawan.  1992.  Effect  of  soil  texture  on  attachment  of  bacterial 
spores  of  Pasteuria  penetrans  to  the  second-stage  juvenile  of  Heterodera  cajani.  Indian 
Journal  ofNematology  22:244-245. 

Spaull,  V.  W.  1981.  Bacillus  penetrans  in  South  African  plant-parasitic  nematodes. 
Nematologica  27:244-245. 

Spaull,  V.  W.  1984.  Observations  on  Bacillus  penetrans  infecting  Meloidogyne  in 
sugarcane  fields  in  South  Africa.  Revue  de  Nematologie  7:277-282. 

Starr,  M.  P.,  and  R.  M.  Sayre.  1988.  Pasteuria  thornei  sp.  nov.  and  Pasteuria 
penetrans  Sensu  stricto  emend.,  mycelial  and  endospore-forming  forming  bacteria 
parasitic,  respectively,  on  plant-parasitic  nematodes  of  genera  Pratylenchus  and 
Meloidogyne.  Annales  de  l’lnstitut  Pasteur,  Microbiologie  139:11-31. 

Stirling  G.  R.  1984.  Biological  control  of  Meloidogyne  javanica  with  Bacillus 
penetrans.  Phytopathology  74:55-60. 

Stirling  G.  R.  and  R.  Mankau.  1978.  Parasitism  of  Meloidogyne  eggs  by  a new 
fungal  parasite.  Journal  ofNematology  10:  236-240. 

Stirling  G.  R.  and  R.  Mankau.  1979.  Mode  of  parasitism  of  Meloidogyne  and 
othemematode  eggs  by  Dactylella  oviparasitica.  Journal  ofNematology.  1 1 :282-288. 

Stirling,  G.  R.  1981.  Effect  of  temperature  on  infection  of  Meloidogyne  javanica  by 
Bacillus  penetrans.  Nematologica  27:458-462. 

Stirling,  G.  R.  1985.  Host  specificity  of  Pasteuria  penetrans  within  the  genus 
Meloidogyne.  Nematologica  3 1 :203-209. 

Stirling,  G.  R.  1991.  Biological  control  of  plant-parasitic  nematodes:  Progress, 
problems  and  prospects.  Wallingford,  UK:  CAB  International. 

Stirling,  G.  R.  and  A.  M.  White.  1982.  Distribution  of  a parasite  of  root-knot 
nematodes  in  south  Australian  vinyards.  Plant  Disease  66:52-53. 


125 


Stirling,  G.  R.,  and  M.  F.  Wachtel.  1980.  Mass  production  of  Bacillus  penetrans  for 
the  biological  control  of  root-knot  nematodes.  Nematologica  26:308-312. 

Stirling,  G.  R„  R.  D.  Sharma,  and  J.  Perry.  1990.  Attachment  of  Pasteuria  penetrans 
spores  to  the  root-knot  nematode  Meloidogyne  javanica  in  soil  and  its  effects  on 
infectivity.  Nematologica  36:246-252. 

Sturgeon,  R.  V.  1986.  Peanut  disease  loss  estimates  for  major  peanut  producing 
states  in  the  United  States  in  1984  and  1985.  American  Peanut  Research  and  Education 
Society  Proceedings  18:24-26. 

Sturhan,  D.  1985.  Studies  on  distribution  and  hosts  of  Bacillus  penetrans  parasitic  in 
nematodes.  Mitteilungen  aus  der  Biologischen  Bundesanstalt  fur  Land  und 
Forstwirtschaft  Berlin  Dahlem  No.  226:75-93. 

Sturhan,  D.,  R.  Winkelheide,  R.  M.  Sayre,  and  W.  P.  Wergin.  1994.  Light  and 
electron  microscopical  studies  of  the  life  cycle  and  developmental  stages  of  a Pasteuria 
isolate  parasitizing  the  pea  cyst  nematode,  Heterodera  goettingiana.  Fundamental  and 
Applied  Nematology  17:29-42. 

Sumner,  D.  R.,  N.  A.  Minton,  T.  B.  Brenneman,  G.  W.  Burton,  and  A.  W.  Johnson. 
1999.  Root  diseases  and  nematodes  in  bahiagrass-vegetable  rotation.  Plant  Disease 
83:55-59. 

Taylor,  A.  L.,  J.  N.  Sasser,  and  L.  A.  Nelson.  1982.  Relationships  of  climate  and  soil 
characteristics  to  geographical  distribution  of  Meloidogyne  species  in  agricultural  soils. 

A cooperative  publication  of  the  Department  of  Plant  Pathology,  North  Carolina  State 
University  and  the  United  States  Agency  for  International  Development,  Raleigh:  North 
Carolina  State  University  Graphics. 

Taylor,  A.  L.,  J.  N.  Sasser.  1978.  Biology,  identification  and  control  of  root-knot 
nematodes  {Meloidogyne  species).  A cooperative  publication  of  the  Department  of  Plant 
Pathology,  North  Carolina  State  University,  and  the  United  States  Agency  for 
International  Development.  Raleigh:  North  Carolina  State  University  Graphics. 

Thome,  G.  1961.  Principles  of  Nematology.  New  York:  McGraw-Hill. 

Tomaszewski,  E.  K.,  M.  A.  M.  Khalil,  A.  A.  El-Deep,  T.  O.  Powers,  and  J.  L.  Starr. 
1994.  Meloidogyne  javanica  parasitic  on  peanut.  Journal  of  Nematology  26:436-441. 

Triantaphyllou,  A.  C.  1985.  Cytogenetics,  cytotaxonomy  and  phylogeny  of  root-knot 
nematodes.  Pp.l  15-123  in  J.  N.  Sasser  and  C.  C.  Carter,  eds.  An  advanced  treatise  on 
Meloidogyne , vol.  1.  Biology  and  control,  Raleigh:  North  Carolina  State  University 
Graphics. 


126 


Van  Gundy,  S.  D.  1985.  Ecology  of  Meloidogyne  spp.  Emphasis  on  environmental 
factors  affecting  survival  and  pathogenicity.  Pp.  178-182  in  J.  N.  Sasser  and  C.  C.  Carter, 
eds.  An  advanced  treatise  on  Meloidogyne : Biology  and  control.  Raleigh:  University  of 
North  Carolina  Press. 

Vargas,  R.,  and  N.  Acosta.  1990.  Pasteuria  penetrans : A biological  agent  for  the 
suppression  of  nematodes  in  Puerto  Rico.  Journal  of  Agriculture  of  the  University  of 
Puerto  Rico  74:319-321. 

Vargas,  R.,  N.  Acosta,  A.  Monllor,  and  C.  Betancourt.  1992.  Control  of 
Meloidogyne  spp.  with  Pasteuria  penetrans  (Thorne)  Sayre  and  Starr.  Journal  of 
Agriculture  of  the  University  of  Puerto  Rico  76:63-70. 

Verdejo,  S.,  and  B.  A.  Jaffee.  1988.  Reproduction  of  Pasteuria  penetrans  in  a tissue- 
culture  system  containing  Meloidogyne  javanica  and  Agrobacterium  rhizogenes- 
transformed  roots.  Phytopathology  78:1284-1286. 

Verdejo,  S.,  and  R.  Mankau.  1986.  Culture  of  Pasteuria  penetrans  in  Meloidogyne 
incognita  on  oligoxenic  excised  tomato  root  culture.  Journal  of  Nematology  1 8:635 
(Abstr.). 

Weibelzahl-Fulton  E.  1998.  Suppression  of  Meloidogyne  spp.  by  Pasteuria 
penetrans.  Ph.D.  dissertation,  University  of  Florida,  Gainesville. 

Weibelzahl-Fulton,  E.,  D.  W.  Dickson,  and  E.  B.  Whitty.  1996.  Suppression  of 
Meloidogyne  incognita  and  M.  javanica  by  Pasteuria  penetrans  in  field  soil.  Journal  of 
Nematology  28:43-49. 

Westphal  A.,  and  J.  O.  Becker.  2000.  Transfer  of  biological  soil  suppressiveness 
against  Heterodera  schachtii.  Biological  Control  90:401-406. 

Wheeler,  T.  A.,  and  J.  L.  Starr.  1987.  Incidence  and  economic  importance  of  plant- 
parasitic  nematodes  on  peanut  in  Texas.  Peanut  Science  14:94-96. 

Whitty,  E.  B.  Basic  cultural  practices  for  peanut.  2002  University  of  Florida 
Cooperative  Extension  Service.  Institute  of  Food  and  Agricultural  Sciences.  Gainesville. 
<<http://edis.ifas.ull.edu/SS-AGR-74>>. 

Williams,  A.  B..  G.  R.  Stirling,  A.  C.  Hayward,  and  J.  Perry.  1989.  Properties  and 
attempted  culture  of  Pasteuria  penetrans,  a bacterial  parasite  of  root-knot  nematode 
(Meloidogyne  javanica).  Journal  of  Applied  Bacteriology  67: 145-1 56. 

Williams,  S.  T.,  M.  E.  Sharpe,  and  J.  G.  Holt.  1994.  Bergey’s  manual  of  systematic 
bacteriology,  vol.  4.  Baltimore,  MD:  Williams  and  Wilkins. 


127 


Williamson,  V.  M.,  and  R.  S.  Hussey.  1996.  Nematode  pathogenesis  and  resistance 
in  plants.  Plant  Cell  8:1735-1745. 

Zhang,  Y.  1985.  Occurrence  and  control  of  peanut  root-knot  disease  in  nonirrigated 
sloping  field  of  Zhangjiang  District.  Agricultural  Science.  Guangdong  Province  6:48-49 


128 


BIOGRAPHICAL  SKETCH 

Ramazan  Cetintas  was  bom  January  1,  1968,  in  Sanli  Urfa,  Turkey.  He  graduated 
from  Cukurova  University,  and  received  his  bachelor’s  degree  in  plant  protection  in 
1992.  Ramazan  received  a master’s  degree  in  entomology  in  1999  from  the  University  of 
Florida  working  under  the  supervision  of  Dr.  Heather  McAuslane  on  the  biological 
control  of  whiteflies,  Bemisia  argentifolii.  He  started  the  Ph.D.  program  in  nematology 
at  the  University  of  Florida  in  1999,  working  on  the  biological  control  of  root-knot 
nematodes  with  Dr.  Don  W.  Dickson.  After  graduation,  he  wants  to  work  as  a post 
doctorate  for  2 years  to  improve  his  career  opportunities.  Subsequently,  he  would  like  to 
be  a faculty  member  of  a well-established  university. 


I certify  that  I have  read  this  study  and  that  in  my  opinion  it  confirms  to 
acceptable  standards  of  scholarly  presentation  and  is  fully  adequate,  in  scope,  and  quality, 
as  a dissertation  for  the  degree  of  Doctor 


Donald  W.  Dickson,  Chair 

Professor  of  Entomology  and  Nematology 

I certify  that  I have  read  this  study  and  that  in  my  opinion  it  confirms  to 
acceptable  standards  of  scholarly  presentation  and  is  fully  adequate,  in  scope,  and  quality, 
as  a dissertation  for  the  degree  of  Doctor  of  Philosophy. 

Grover  C.  Smart,  Jr. 

Professor  of  Entomology  and  Nematology 


of  Philosophy. 


I certify  that  I have  read  this  study  and  that  in  my  opinion  it  confirms  to 
acceptable  standards  of  scholarly  presentation  and  is  fully  adequate,  in  scope,  and  quality, 
as  a dissertation  for  the  degree  of  Doctor  of  Philosophy.  • 


Robert  McSorley 
Professor  of  Entom6logy  and  Nematology 


I certify  that  I have  read  this  study  and  that  in  my  opinion  it  confirms  to 
acceptable  standards  of  scholarly  presentation  and  is  fully  adequate,  in  scope,  and  quality, 
as  a dissertation  for  the  degree  of  Doctor  of  Philosophy.  c — N 


ra.'s 


J.  Howard  Frank 

Professor  of  Entomology  and  Nematology 


I certify  that  I have  read  this  study  and  that  in  my  opinion  it  confirms  to 
acceptable  standards  of  scholarly  presentation  and  is  fully  adequate,  in  scope,  and  quality, 
as  a dissertation  for  the  degree  of  Doctor  of  Philosophy. 


E.  Ben  Whitty 
Professor  of  Agronomy 


This  dissertation  was  submitted  to  the  Graduate  Faculty  of  the  College  of 
Agricultural  and  Life  Sciences  and  to  the  Graduate  School  and  was  accepted  as  partial 
fulfillment  of  the  requirements  for  the  degree  of  Doctor  of  Philosophy. 


Dean,  Graduate  School 


